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ABSTRACT

Improving the use of cover crops, such as Crotalaria juncea and Tagates patula, is
needed for management of plant-parasitic and free-living nematodes. These cover crops
might improve soil health conditions through a strip-till cover cropping practice. The
integration of cover cropping of C. juncea and soil solarization could further improve
ecological-based nematode management more than C. juncea alone. Additional
improvement could be achieved if T. patula or C. juncea are found to suppress
Meloidogyne incognita or Rotylenchulus reniformis more efficiently when these
nematodes are in a vulnerable state.

Strip-till cover cropping (STCC) of C. juncea suppressed M. incognita, but T. patula
only suppressed M. incognita when planted immediately following after a susceptible
host. In addition, STCC of C. juncea also enhanced population densities of bacterivorous
and fungivorous nematodes, whereas STCC of T. patula enhanced these free-living
nematodes inconsistently.

Integration of C. juncea cover cropping and soil solarization did not reduce R.
reniformis population densities, but reduced weed coverage as compared to C. juncea
alone. The benefits of integrating C. juncea to soil solarization were only observed where
C. juncea biomass was high (3.6 Mt/ha).

Leachate of T. patula did not suppress egg hatch and J2 activity of M. incognita.
However, planting of T. patula in a greenhouse pot experiment suppressed M. incognita
J2 activity if the soil was conditioned with irrigation or cucumber leachate but not with

dry treatment. On the other hand, planting of C. juncea and cowpea (Vigna unguiculata)

Vil



reduced the number of R. reniformis in anhydrobiotic state. Amending soil with C. juncea
suppressed R. reniformis more efficiently if fewer anhydrobiotic R. reniformis were
present.

In conclusion, C. juncea outperformed T. patula in a STCC system, whereas
integration of C. juncea with soil solarization did not improve the benefit of a cover crop,
C. juncea. Based on the greenhouse studies, the nematode suppressive effect of T. patula
could be improved by planting T. patula immediately after a susceptible host. Benefits of
C. juncea amendment were more obvious if used immediately after nematode susceptible

(poor or good) hosts.

viil



LIST OF TABLES

Table Page
2.1 Population densities of Meloidogyne incognita in a strip-tilled cover

cropping system with marigold (MG) and sunn hemp (SH), as well as

bareground (BG) at cover crop incorporation (Pi) and at termination (Pf)

of bitter melon (Momordica charantia) in two seasons ............ceceeeveevernene 45
2.2 Meloidogyne incognita root gall index on bitter melon (Momordica

charantia) in a strip-tilled cover cropping system with marigold (MG) and

sunn hemp (SH), as well as bareground (BG) in two seasons ................. 46
23 Population densities of free-living nematode genera in a strip-tilled cover

cropping system with marigold (MG) and sunn hemp (SH), as well as

bareground (BG) at cover crop incorporation (Pi) and at termination (Pf)

of bitter melon (Momordica charantia) in two seasons ...................... 47
24 Nematode community indices in a strip-tilled cover cropping system with

marigold (MG) and sunn hemp (SH), as well as bareground (BG) at cover

crop incorporation (Pi) and at termination (Pf) of bitter melon (Momordica

charantia) in tWo SEASOMNS ..........c.ovuineiriiriit it 49
2.5 Population densities of mesoarthropods in a strip-tilled cover cropping

system with marigold (MG) and sunn hemp (SH), as well as bareground

(BQG) at cover crop incorporation (Pi) and at termination (Pf) of bitter

melon (Momordica charantia) in Season I ..................ccooviviiininen. 51

X



2.6

3.1

32

33

34

3.5

Weed biomass or coverage in a strip-tilled cover cropping system with
marigold (MG) and sunn hemp (SH), as well as bareground (BG) of bitter
melon (Momordica charantia) in two Seasons ..............cc.eveevennennnn..
Maximum soil temperature and lethal hours accumulated at the end of
preplant treatment in sunn hemp (SH), soil solarization (SOL), integration
of sunn hemp and soil solarization (SHSOL), and weedy fallow control
(C) plots measured at 5 and 15 cm soil depth during the solarization period
INEWO LIAlS L.,
Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL) and weedy fallow control (C) plots on abundance of
herbivorous nematodes/250 cm” soil at termination of SH and SOL (Pi),
and at cowpea harvest (Pf) in two trials .................coc
Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL) and weedy fallow control (C) plots on abundance of free-
living nematode trophic groups at termination of SH and SOL (Pi), and at
cowpea harvest (Pf) in Winter ...
Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL) and weedy fallow control (C) plots on abundance of free-
living nematode trophic groups at termination of SH and SOL (Pi), and at
cowpea harvest (Pf) in Summer ...
Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL) and weedy fallow control (C) plots on nematode

community indices at termination of SH and SOL (P1), and at cowpea

52

80

81

82

83



3.6

3.7

3.8

3.9

4.1

4.2

4.3

44

harvest (Pf) in WiInter . ....... ... e
Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL) and weedy fallow control (C) plots on nematode
community indices at termination of SH and SOL (Pi) and, at cowpea
harvest (Pf) in SUMMET ....... ..o
Common weeds recorded in experimental site of Whitmore Experiment
Station, Whitmore, Oahu, HL ...
Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL) and weedy fallow control (C) plots on on weed coverage in
four sSampling tiMES .......ouvineiiiie e
Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL) and weedy fallow control (C) plots on on cowpea biomass
at COWPEA haTVEST ...uet i
Number of non-active and active Meloidogyne in soil at termination of soil
(670 0T U3 (0] 133V
Analysis of variance (ANOVA) for effects of soil conditioning and
nematode management treatment on infective, swollen, and female stage
Meloidogyne numbers per g cucumber roots in Trial Tand IT . ...............
Numbers of infective juveniles, swollen, and mature female stages of
Meloidogyne per g cucumber roots in Trial Tand IT ...........................
Number of Meloidogyne mature females on bioassay cucumber roots
grown after Cucumber, Fallow and Marigold treatments under 3

CONAIEIONIIES .+« n ettt ettt et et et et et e e e e e

xi

84

86

88

&9

90

108

109

110

111



4.5

4.6

5.1

52

53

54

Effects of marigold (MG) and cucumber (CU) roots, sand : soil (SA)
leachates, and distilled water (DW) on Meloidogyne incognita egg
hatching in Trial I and II of laboratory leachate assay ........................
Effects of marigold (MG) and cucumber (CU) roots, and sand : soil (SA)
leachates, and distilled water (DW), on % of Meloidogyne incognita
remained active at 48 hr of incubation and 24 hr after transferring to
distilled water in Trial I, IT and III of the laboratory leachate assay .........
Number of reniform nematodes active or coiled in soil at termination of
four conditioning treatments: remaining dry (DRY), irrigated (IRR),
planted with sunn hemp (SH), and planted with cowpea (CP) ...............
Effects of sunn hemp amendment on number of active and coiled reniform
nematodes in soil with different conditioning .....................c.ooiinl.
Effect of sunn hemp amendment on different stages of reniform
nematodes in cowpea roots under different soil conditioning .................
Shoot wt (g) of bioassay cowpea under four conditionings and two

AMENAIMNENLS .. ..ttt ettt e e e et e et

xii

112

113

129

130

131



LIST OF FIGURES

Figure Page

2.1 Bitter melon stem diameter in Trial I ..ooooveeeeeeeeeeeeeeeeeeeeeeeeeeeee 54

xiil



°C
CA
cm
diam
FL

EC

Ha
HI
Hr
2
Kg
Min
Ml
mon

Mt

USS$

(A%

LIST OF ABBREVIATIONS

Carbon v/v
Degree Celsius Y
California W/W
Centimeter Wk
Diameter

Florida

Emulsifiable concentrate
Gram

Hectare/s

Hawaii

Hour(s)

Juvenile second stage
Kilogram

Minute(s)

Milliliter

Month(s)

Metric ton
Nitrogen/north
Probability level
United States Dollar

Ultraviolet

X1V

By volume
West
By wait

Week(s)



CHAPTER 1: INTRODUCTION

1.1 Key plant-parasitic nematodes in Hawaii

Although there are about 4,100 nematode species of plant-parasitic nematodes
reported world wide (Perry and Moens, 2006), only about a dozen of them are of
economically importance in the tropics (Schmitt and Sipes, 2000). Among the most
economically important plant-parasitic nematodes in Hawaii are root-knot (Meloidogyne
spp.), reniform (Rotylenchulus reniformis) nematodes, burrowing (Radopholus similis),
lesion (Pratylenchus spp.), sugerbeet cyst (Heterodera schachtii), and foliar
(Aphelenchoides spp.) nematodes (Schmitt and Sipes, 2000). This dissertation focused on
management strategies for two most prevalent plant-parasitic nematodes in Hawaii, the
root-knot nematode and the reniform nematode.

Meloidogyne spp. are the most commonly found plant-parasitic nematodes worldwide
(Whitehead, 1998). They are economically important, affecting a broad range of host
plants from monocot to dicot, from herbaceous to woody plants (Eisenback and
Hirschmann, 1991). Meloidogyne spp. are obligate endoparasitic nematodes that can
cause substantial crop losses, attacking plant roots by inducing root galls. Annual crop
losses due to plant-parasitic nematodes are estimated to be more than US$100 billion
worldwide (Bird and Kaloshian, 2003), and Meloidogyne spp. alone are responsible for
more than half of the total estimated loss (Bent et al., 2008). There are 106 species of
Meloidogyne described (Karssen and Moens, 2006). Among these M. incognita (Kofoid

& White, 1919) Chitwood, 1949 and M. javanica (Treub, 1885) Chitwood, 1949 is the



most commonly found species in Hawaii (Schmitt and Sipes, 2000). They are especially
damaging to vegetable crops, resulting in stunted plants, wilt, chlorosis, and yield
reduction (Ploeg, 2002).

Rotylenchulus reniformis is a major pest for pineapple (Ananas comosus) production
in Hawaii (Apt and Caswell, 1988). This nematode can reduce marketable yield of
pineapple first crop by 7 to 20% compared to those planted in fenamiphos treated plots
(Sipes and Schmitt, 1994). If the second (ratoon) crop continued to be untreated, the
nematode can cause more than 50% yield lost on the ratoon crop as compared to those
treated with 1,3-dichloropropane (1,3-D) and fenamiphos (Sipes, 1996). In addition,
heavy R. reniformis infestation combined with moisture stress could result in a complete
crop failure for pineapple (Caswell et al., 1990). Besides pineapple, R. reniformis also has
a wide host range of at least 313 other plants in 77 families (Robinson et al, 1997).
Because of the nematode problem, all plants that are shipped from Hawaii to California
with potting media have to be certified under the quarantine regulations. Volcanic cinder
potting media used by plant nurseries must be steam sterilized for R. reniformis (71-93
°C for 30 min) (Hara, 2011).

Due to its broad host range, and devastating damage to several important cash crops,
many countries impose quarantines against R. reniformis (Dunn et al., 1996). Chile and
Switzerland are among the countries that have quarantine against R. reniformis (Robinson
et al., 1997). Arizona, California, and New Mexico restrict R. reniformis to protect their
cotton industry. In Florida and Hawaii, expensive sanitation practices and the use of clean

planting materials are required for ornamental plant industries (Robinson et al., 1997).



1.2 Challenges of nematode management in the tropics

Managing plant-parasitic nematodes in the tropics is challenging because 1) the warm
climate allows nematodes to actively reproduce throughout the year; 2) agricultural fields
in the tropic are generally in crop production throughout the year (Raymundo, 1985); 3)
plant-parasitic nematodes, such as Meloidogyne spp. and R. reniformis can reproduce on
many weeds (Karssen and Moens, 2006). Weeds such as Firewood, Erigeron
Canadensis, occur commonly in Hawaiian pineapple fields and are good hosts to R.
reniformis (Wang et al., 2003), thus creating additional challenges to their management.

Use of nematicide to control plant-parasitic nematodes is a viable option. Despite the
phasing out of methyl bromide for soil fumigation (U.S. Environmental Protection
Agency, 2008), current intensive agricultural farming systems are still strongly rely on
nematicides (Zasada et al., 2010). In the U.S., estimated use of nematicides cost US $300
million per year (Perry and Moens, 2006). Although some nematicides are effective, they
are expensive, often toxic and pose a risk to human and environmental health. Some of
these nematicides are carcinogenic and persist in the soil. Nematicides can build up
residues in foods, and pollute ground water (Abawi and Widmer, 2000). Currently, many
nematicides are facing legislation restrictions and their application is no longer
economically viable (Ploeg, 2002). Other nematicides such as Aldicarb, Vorlex, and all
granular formulations of carbofuran have been banned or are under review in different
regions of the U.S. (Abawi and Widmer, 2000).

Crop rotation is another widely used nematode management strategy (Noe, 1988). It

requires the planting of poor or non-host crops of the targeted nematode (Starr et. al.,



2007; Koenning and Edmisten, 2008), but crop rotation may fail when nematodes are
parasites of wide range of crops (Abawi and Widmer, 2000). For effective nematode
suppression, a general rule is to rotate with crops that are not related to each other or to
keep the field fallow (Guerena, 2011). Although it is feasible for large-scale farmers to
include a fallow period, it is not practical for small-scale farmers with limited land.
Further, fallow fields are more prone to soil erosion. Rotating nematode susceptible
cultivars with resistant cultivars is an excellent approach to manage plant-parasitic
nematodes if resistant cultivars are available (Schmitt and Sipes, 2000). However,
resistant genes against Meloidogyne spp. become inactive at soil temperatures above 28°
C (Karssen and Moens, 2006). Soil tillage, adjustment of planting date, efficient
application of organic amendment, cover cropping, steaming, soil solarization (Karssen
and Moens, 2006; Starr et al. 2007), and early crop root destruction (LaMondia, 2008) are
some other cultural practices to suppress plant-parasitic nematodes that can be used in the
tropics. While information on effects of adjusting planting dates for nematode
management is limited (Starr et al, 2007), many of these cultural management strategies
are not consistent in their performance (Oka, 2010). Many factors can cause
inconsistency in performance of non-chemical nematode management approaches. One
of these factors that has often been overlooked is the survival strategy of the targeted
nematode.

Survival strategies of Meloidogyne: Under unfavorable conditions, some eggs in M.
incognita egg mass hatch quickly whereas some delay hatching (Guiran, 1979; Starr and
Jegger, 1985). Goodell and Ferris (1989) found that under moderately dry conditions (at

negative pressure greater than -1.1 bars in the soil), the survival strategy allows M.



incognita to develop inside the eggs without hatching, thereby preserving the infective
stages until their hosts are present. Hatching of M. chitwoodi eggs collected from young
host plants do not require host stimulus such as from host root leachate, but eggs from old
or near senescing host plants do require leachate for hatching (Wesemael et al., 2006).
Meloidogyne incognita produces two types of egg masses, white, and brown (Ishibashi,
1969; Guiran, 1980; Karssen and Moens, 2006). White egg masses are usually formed
during the early life cycle of the nematode host plant, and hatch immediately. Whereas,
brown egg masses are formed during the later stage of the host plant, and do not hatch
during adverse environmental conditions (Gundy, 1985). Meloidogyne eggs that do not
hatch immediately are found between crop harvest and the beginning of winter in
temperate climates, or during dry season in the tropics (Gundy, 1985). However, Gundy
(1985) suggested that development of two types of egg masses ensures that some eggs
will not hatch immediately even under favorable conditions (Gundy, 1985), and will go
into dormancy (Karssen and Moens, 2006). On the other hand, Towson (1977) found a
substantial effect of soil moisture on M. javanica juveniles. Percentage of nematodes
convert into survival state increased with the decrease of soil moisture (Towson, 1977).
This survival mechanism often allows some progenies of nematodes to survive in
conventional nematode management strategies, thus causing management of
Meloidogyne more challenging.

Survival strategies of R. reniformis: Rotylenchulus reniformis can survive extreme
environmental conditions such as drought through a phenomenon known as
anhydrobiosis (Tsai, 1978). Anhydrobiosis starts with a reduction in metabolic rate

(quiescence) to undetectable metabolism (cryptobiosis), basically a ‘life without water’



(Womersley and Ching, 1989). Anhydrobiotic nematodes lose 95 to 99% of their body
water content and coil their bodies tightly to form a survival structure (Treonis et al.,
2000). Dry fallow condition favors R. reniformis to go into an anhydrobiotic state but it
can convert back into a vermiform stage when conditions become favorable (Apt, 1976;
Tsai, 1978). Radewald and Takeshita (1964) found that R. reniformis survived up to two
years in dry soil without a host through anhydrobiosis. Thus, part of this dissertation is to
focus on improving non-chemical nematode management strategies by targeting on the

non-survival state of Meloidogyne and R. reniformis.

1.3 Ecologically-based nematode management

Besides plant-parasitic nematodes, free-living nematodes are also commonly
occurring in soil of all agroecosystems. Free-living nematodes are beneficial soil
nematodes that either feed on soil microorganisms or prey on other soil fauna, and thus
contribute greatly to soil nutrient cycling (Abawi and Widmer, 2000). However, an effort
to manage these nematodes in conjunction to plant-parasitic nematodes is lacking. Wang
et al. (2008) proposed the concept of ecologically-based nematode management by
enhancing free-living nematodes that are beneficial for soil nutrient cycling while
suppressing multiple plant-parasitic nematode species. An ecologically-based nematode
management approach should also enhance natural enemies of nematode pests (Wang
and McSorley, 2005). Plants infected by plant-parasitic nematodes will suffer from
reduced nutrient and water uptake. Whereas, enhancement of free-living nematodes

improves soil nutrient cycling and thus supplies more nutrients to plants that could



ultimately increase their tolerance to nematode feeding. Free-living nematodes could be
enhanced by practices that could enrich the soil with organic matter (Wang and
McSorley, 2005; DuPont et al., 2009). In addition, nutrient- enriched soil contains a
greater pool of natural enemies of plant-parasitic nematodes such as nematode
antagonistic fungi, plant-health promoting rhizobacteria, obligate bacterial parasites of
nematodes, mites, collembolan, tardigrades, predatory nematodes, turbellarians, and
protozoans (Wang and McSorley, 2005). Some of these natural enemies of plant-parasitic
nematodes have the potential to increase soil suppressiveness to plant-parasitic
nematodes (McSorley and Wang, 2009). All of which will lead to a healthy soil
ecosystem.

Healthy Soil Ecosystem: A healthy soil ecosystem is defined as an environment that
supports life processes including plant growth and nutrient supply, maintains optimum
water and soil properties, supports soil food webs, recycles nutrients, maintains microbial
diversity, remediates pollutants, and sequesters heavy metals (Doran et al., 1996). Higher
microbial activities enhance beneficial nematodes and microarthropods, and lead to
greater suppression of plant-parasitic nematodes (Wang and McSorley, 2005). A healthy
soil ecosystem should maintain a continuous flow of nutrient cycling. During a soil
nutrient cycling process, organic matters or plant debris are first decomposed by bacteria
and fungi (primary decomposer) to partially release nutrients (Ingham et al., 1985).
However, during this process, these primary decomposers also immobilize some
inorganic nutrients. Free-living nematodes graze on these primary decomposers directly
or indirectly to further mineralize nutrients that are immobilized by bacteria or fungi

(Ingham et al., 1985; Ferris, 2010). Based on their feeding habits, free-living nematodes



are categorized by Yeates et al. (1993) into several groups including bacterivorous,
fungivorous, omnivorous and predatory nematodes.

Bacterivorous nematodes ingest prokaryotes including bacteria through open buccal
cavities (mouth). Some have a narrow mouth (e.g. Rhabditis, Alaimus) and others have
broad mouths (e.g. Diplogaster). Some bacterivores are opportunists (e.g. Rhabditis),
dominant in nutrient enriched conditions and others are generalists (e.g. Cephalobus) that
exist in stressful (basal food web) conditions. While grazing on bacteria, these nematodes
mineralize nutrients immobilized by bacteria.

Fungivorous nematodes have a stomatostylet (e.g. Filenchus) or odontostyle (e.g.
Tylencholaimus) that can penetrate fungal hyphae of plant parasitic, saprophytic or
mycorrhizal fungi. While feeding on fungal cytoplasm, they mineralize nutrients in
fungal hyphae.

Omnivorous nematodes possess an odontostyle that helps them to feed on a wide
range of food including bacteria, fungi or nematodes. Most dorylaims (e.g.
Eudorylaimus) are omnivorous nematodes and help to mineralize nutrients from their
food sources.

Predatory nematodes feed on invertebrates such as protozoa, nematodes, rotifers, and
enchytraeid worms. They engulf the prey into their mouth which contains teeth or
denticles (e.g. Diplogaster, Mononchus), or they can also feed by piercing and sucking
the prey with their stylet (e.g. Nygolaimus, Seinura). Thus, predatory nematodes further

mineralizing soil nutrients from fauna higher in the soil food web.



1.4 Nematode community analysis as a tool for soil health bioindication

Nematodes are good soil health indicators because they are ubiquitous in the soil;
have diverse feeding behavior and life strategies ranging from colonizers to persisters
(Bongers and Ferris, 1999). Some nematodes can survive harsh, polluted, dehydrated,
oxygen stressed and other disturbed conditions (Pen-Mouratov et al., 2008). Whereas
some have short life cycles and quickly respond to environmental changes (Yeates et al.,
1993). Nematode community structure indicates the condition of soil horizon. Nematodes
are easy to sample and extract and their morphology reflects their feeding behavior
(Yeates et al., 1993). Nematode population composition reflects the soil nutrient status,
and its level of disturbance. Understanding the nematode faunal analysis is necessary to
analyze soil health.

Nematode faunal analysis: Several nematode community indices were developed to
indirectly analyze soil conditions. These include richness, dominance, diversity, maturity
index (MI), enrichment index (EI), structure index (SI) and channel index (CI). Many of
these indices require knowledge of nematode life strategies proposed by Bongers and
Bongers (1998). Nematodes can be categorized based on their life strategies whether they
are colonizer or persister in a colonizer-persister (c-p) scale of 1 to 5 (Bongers and
Bongers, 1998). Nematodes with a c-p value of 1 are short lived, with high fecundity,
feed in enriched media, relatively tolerant to pollution and form dauer larvae as microbial
activity decreases; whereas those with c-p value equal to 5 have larger body size, long

life, and lower reproduction rate, and are sensitive to pollutants and disturbances.



Bongers and Bongers (1998) used the c-p scale to calculate MI. MI is the weighed
(mean) c-p value for all the nematodes in a soil community. Lower MI indicates a soil
communities dominated by nematodes with lower c-p value. This is usually occurring
when organic matters are freshly incorporated into the soil. This process increases
microbial activity that can provide favorable resources for opportunistic nematodes (e.g.
Rhabditidae) with low c-p values. Thus, this will result in lower MI as compared to
nematode communities prior to the incorporation of organic matters (Bongers and Ferris,
1999).

Bongers and Bongers (1998) proposed a new concept known as ‘nematode functional
guild” where nematode feeding behavior and life strategy are integrated together. Plant
feeders, bacterivores, fungivores, carnivores, and omnivores are abbreviated as Pl, Ba,
Fu, Ca, and Om, respectively. When assigning a functional guild for a nematode genus,
the feeding group of the nematode is followed by a c-p value (Bongers and Bongers,
1998). For example, Acrobeloides is a bacterivore with c-p value of 2, thus its guild is
Ba,; Aphelenchoides is a fungivore with a c-p value of 2, thus its guild is Fu,,

Ferris et al. (2001) used functional guild to develop additional nematode community
indices for nematode faunal analysis. They described soil food web conditions using
three terminologies, ‘enriched’, ‘basal’ and ‘structured’ using relative weighted
abundance of nematode guilds (Ferris et al., 2001). A basal component (b) of the food
web (fungal and bacterial feeders in the c-p 2 guild) is calculated as b=2ky,n, where kj is
the weighted constant for the guild and n is the number of nematodes in that guild.
Enrichment () component is calculated using nematode guilds indicative of enrichment

(bacterivores of c-p 1, and fungivores of c-p 2). Whereas, structure component (s) is
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calculated using guilds of bacterivores of c-p 3-5, fungivores of c-p 3-5, omnivores of c-
p 3-5, and predatory nematodes of c-p 2-5. Enrichment index is then calculated as 100 x
e/(e + b), and Sl is calculated as 100 x s/(s + b). Additionally, CI is calculated by
nematodes in Ba; and Fu, guilds with their respective weightings as 100 x (0.8 x Fu
2/(3.2Ba 1 + 0.8 x Fu2) (Ferris et al., 2001). Higher EI indicates a nutrient enriched
environment. Higher SI indicates a structured or undisturbed community, and higher CI
indicates a community with higher proportion of fungal decomposition than bacterial
decomposition, i.e., a more stressful condition (Ferris et al., 2001). Thus, calculation of

nematode community indices provides information on soil health status.

1.5 Cover cropping and soil solarization

Cover cropping and soil-solarization are non-chemical nematode management
approaches that can be used to suppress multiple plant-parasitic nematodes (Wang et al.,
2006; McSorley et al., 2008; Oka, 2010; Zasada et al., 2010). Soil decomposition of
cover crop residues enhanced free-living nematodes (Wang et al., 2004), and when
combined with soil solarization, it suppressed plant-parasitic nematodes to levels
equivalent to methyl bromide fumigation (Wang et al., 2006). However, the population
pressure of plant-parasitic nematodes at the study site reported by Wang et al. (2006) was
rather low. More effort should be done to challenge the integration of cover cropping and
soil solarization in a field with higher nematode pest pressure.

Cover crops for nematode management: Cover crops are non-cash crops that are

typically grown during the off-season for various benefits. When incorporated into soil,
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cover crops serve as ‘green manure’ (Abawi and Widmer, 2000). Several cover crops
were known for suppressing plant-parasitic nematodes (Widmer et al., 2002; Hooks et al.,
2010; Oka, 2010). This dissertation focused on two nematode suppressive cover crops
suitable for the climate in Hawaii, i.e., sunn hemp (Crotalaria juncia L.) and French
marigold (Tagetes patula L.).

Crotalaria juncea is a rapidly growing plant, grown for green manure, and is a non-
host or poor host of many plant-parasitic nematodes including Meloidogyne spp. (Good et
al., 1965; Rotar and Joy, 1983; Wang et al., 2002a; Marla et al., 2008), R. reniformis
(Robinson et al., 1998, Wang et. al, 2002a; Marla et al., 2008), Belonolaimus
longicaudatus (Reddy et al., 1986), Paratrichodorus minor, Xiphinema americanum
(Good et al., 1965), and Radopholus similis (Birchfield and Bristline, 1956). Cover
cropping of C. juncea repeatedly demonstrated its suppressiveness to multiple plant-
parasitic nematodes such as Meloidogyne spp. (Kimenju et al., 2007; Bhan et al., 2010)
and R. reniformis (Wang et al., 2001; Garrido et al., 2008). Crotalaria produces a
compound (monocrotaline) that is toxic to many plant-parasitic nematodes when
incorporated into the soil (Rodriguez-Kabana et al., 1992; Rich and Rahi, 1995; Wang et
al., 2001). In addition, C. juncea provides a niche for nematode-antagonistic flora and
fauna (Linford, 1937), including the enhancement of nematode trapping fungi (Wang et
al., 2001). Crotalaria juncea ‘Tropic Sun’ may provide an additional benefit through
weed suppression (Rotar and Joy, 1983; McSorley et al., 2008). Crotalaria juncea can be
used in an ecological-based nematode management plan because it suppresses multiple
plant-parasitic nematodes, enhances free-living nematodes (McSorley et al., 2009), and

improves soil health (Wang and McSorley, 2005). Therefore, more research should be
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conducted to evaluate the effect of C. juncea on key plant-parasitic nematodes and free-
living nematodes.

Tagetes patula and other Tagetes spp. are well known for suppressing multiple pests
like cotton bollworm, Helicoverpa armigera (Sundararajan, 2002.), Pratylenchus
penetrans (Pudasaini et al., 2006), R. reniformis (Caswell et al., 1991) and Meloidogyne
spp. (Ploeg and Maris, 1999; Ploeg, 2002; Hooks et al., 2010). Tagetes spp. produce an
allelopathic compound known as a-terthienyl from their roots. This compound is known
for suppressing plant-parasitic nematodes (Bakker et. al., 1979). Gomma and Barker
(1988) suggested that the nematicidal properties inside marigold roots results from a
cascade of biochemical reactions triggered by nematode penetration and movement
through the cortex. A less stable biotoxic oxygen radical (O3), the end result of these
biochemical processes, kills nematodes inside the roots. However, only living root
systems of marigold possess these nematicidal properties (Pudasaini et al., 2006).
Furthermore, nematode suppressive effect of Tagetes differs among Tagetes species,
cultivars, targeted pests and soil temperatures (Ploeg and Maris, 1999; Hooks et al.,
2010). Tagetes patula, T. erecta, and T. minuta are commonly used to suppress plant-
parasitic nematodes (Ploeg, 2002; Pudasaini et al., 2006). Tagetes patula ‘Single Gold’
suppresses M. incognita effectively (Ploeg, 2002). Tagetes erecta, when grown in
between pineapple plantings as an intercycle cover crop, enhanced both bacterivores and
fungivores nematodes, but served as a good host to R. reniformis (Wang et al., 2002b).
Therefore, T. patula ‘Single Gold’ was selected for further research to examine its effect

on plant-parasitic and free-living nematodes.
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Soil solarization for nematode management: Soil solarization involves heating the
soil beneath transparent polyethylene mulch for at least 4 weeks allowing development of
temperatures detrimental to soil-borne pests (Katan et al., 1976; Wang et al., 2006). In
principal, this is soil disinfection through passive solar heating which results in a
combination of physical, chemical and biological changes within the soil (Stapleton,
2000). Physically, soil solarization disrupts the activities of soil-borne pests by thermal
heat. Chemically, it increases decomposition processes and causes an increase of the
availability of soil mineral nutrients to plants. Biologically, certain antagonists of plant-
parasitic nematodes (such as Bacillus, Pseudomonas, and Trichoderma) and free-living
nematodes are more likely to survive solarization and, or, recolonize rapidly after the
solarization is complete (Stapleton, 2000).

Soil solarization suppresses plant-parasitic nematodes by 37 to 100% (Barbercheck
and Von Broembsen, 1986). However, the suppressive effect of solarization varies due to
variation in management of off-season weeds (Wang et al., 2006; Saha et al., 2007) and
changes in microorganism populations that support plant-parasitic and free-living
nematodes, respectively in soil environment (Wang et al., 2006). Additionally, the
effectiveness of soil solarization is reduced with an increase in soil depth (Chellemi et al.,
1993; Stapleton, 2000), thermotolerant pests (Stapleton, 2000), and sunlight intensity
(Johnson et al., 2007).

Chellemi et al. (1993) found that soil solarization is only effective in reducing
population densities of plant-parasitic nematodes in the top 20 cm of soil. However, R.
reniformis has been recovered from 120 cm soil depths in field plots in southen Texas

(Westphal et al., 2004). Although no in-depth study was found on the distribution of R.
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reniformis in the soil profile of Hawaiian pineapple fields, it is probable that this
nematode is found at more than 20 cm soil depths. Therefore, soil solarization needs to be
integrated with other nematode management strategies to improve its efficacy (McSorley
et al., 2008). Stapleton et al. (2010) found that integration of biological amendment of
poaceous plants in soil followed by soil heating reduce root-knot nematode galling by 98-
100%. This dissertation proposed to integrate cover cropping of C. juncea and
solarization as an ecologically-based nematode management approach. It was anticipated
that soil solarization, and soil incorporation of C. juncea would suppress plant-parasitic

nematodes more than either strategy used alone.

1.6 Speciific approaches of research

This dissertation proposed to expand the concept of ecological-based nematode
management beyond suppressing plant-parasitic nematodes and enhancing free-living
nematodes and natural enemies of nematodes. This research proposed to also look into
suppressing plant-parasitic nematodes during their vulnerable stage.

Strip-till Cover cropping: The first approach in this dissertation was to grow cover
crops that are known to be antagonistic to several species of plant-parasitic nematodes
such as C. juncea and T. patula in a strip-till system. The tilled strips will serve as the
cash crop planting strips, whereas the non-tilled strips will serve as living mulch. Strip-
till practice is one type of conservation tillage that could help to reduce soil and water
erosion, reduce nutrients leaching, while improving soil structure, and reducing energy

inputs into tillage (Tubb, 2003). While maintaining the non-tilled strips as living mulch,
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some cover crops could serve as a ‘virus sink’ and reduce the chances for insect vectors
to transmit non-persistant virus to cash crops (Hooks et al., 1998; Manandhar and Hooks,
2011). Manandhar and Hooks (2011) and Manandhar (2007) had shown that C. juncea as
a barrier crop protects zucchini (Cucurbita pepo) from aphid (Aphis gossypii)-transmitted
viruses and silver leaf symptom associated with whiteflies (Bemesia argentifolii).

Incorporation of cover crop residues into the soil could improve soil nutrient status by
enhancing rapidly growing beneficial nematodes (Wang et al., 2008). Cover crops like C.
juncea are known to suppress multiple plant-parasitic nematodes after soil incorporation.
It was anticipated that strip-till cover cropping system would combine benefits of
conventional and conservation tillage approaches. It is hypothesized that growing cover
crops in a strip-till system would help to suppress multiple nematode pests while
maintaining beneficial nematodes in the agroecosystem.

Combination of C. juncea and soil solarization: Crotalaria juncea serves as a poor
host for reniform and root-knot nematodes (Good et al., 1965), and delays the
development of the nematodes after root penetration (Wang et al., 2001). Since C. juncea
still allows R. reniformis to penetrate and develop, R. reniformis will be less likely to
enter into its anhydrobiotic stage. Oka and Mizukubo (2009) suggested that nematodes in
active stage are more vulnerable to kill, whereas those that go into anhydrobiotic stage
are more difficult. It is hypothesized that planting C. juncea prior to soil solarization
might allow solarization to heat kill R. reniformis more efficiently compared to
performing soil solarization on a bare fallow field. Unfortunately, solarization alone has
negative impact on beneficial nematodes (Wang et al., 2006). On the other hand, C.

juncea can enhance beneficial nematodes (Wang et al., 2001). Therefore, this dissertation
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examined whether integration of C. juncea cover cropping and solarization could reduce
the negative impact of solarization on beneficial nematodes, while enhancing the
suppressive effect of solarization against R. reniformis.

Effects of T. patula on active and inactive stages of M. incognita: Suppressive effects
of Tagetes spp. on plant-parasitic nematodes were documented for more than 50 years
(Hooks et al., 2010). Out of 29 root-knot nematode resistant varieties of marigold (Hooks
et al., 2010), French marigold (Tagetes patula L.) is commonly used as a cover crop to
suppress Meloidogyne (Ploeg, 2002; Hooks et al., 2010). The most prevalent nematode
suppression mechanism of Tagetes is the production of the allelopathic compound, o.-
terthienyl (Gommers and Bakker, 1988) from roots of living marigold (Jagdale et al.,
1999). However, in a field research, T. patula did not suppress M. incognita after fallow
where most of the nematodes were possibly not in active stage (Lopez-Pérez et al., 2010).
Whereas, in another field research, T. patula suppressed M. incognita after nematode
susceptible host (e.g. carrot, sugar beet, okra, beans), when most of nematodes were
possibly active (Ploeg, 2002). Therefore, this dissertation examined whether living
marigold plants could suppress M. incognita more effectively when the cover crop is
planted when the nematodes are in their vulnerable stage.

Effects of C. juncea on anhydrobiotic stage of R. reniformis: Hawaiian pineapple
producers deep plow old pineapple fields and keep the fields fallow for more than a year
before new crop planting (Rohrbach, 1998; Rohrbach and Schmitt, 2003). During dry
fallow period, R. reniformis turns into an anhydrobiotic state (Tsai, 1978). Anhydrobiotic
state is relatively resistant to most nematode management options and post a challenge

for R. reniformis management (Womersley and Ching, 1989). Crotalaria juncea is a poor
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host of R. reniformis (Wang et al., 2002) and releases nematode allelopathic compound,
monocrotaline (Crout, 1968) when incorporated into the soil. This dissertation compared
the effects of suppression of C. juncea on R. reniformis under various soil conditions that

either stimulate or avoid anhydrobiotic state of the nematode.
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1.7 Objectives and hypotheses

The overall goal of this dissertation was to improve ecologically based nematode
management approach against R. reniformis and M. incognita in Hawaii agroecosystems
through the understanding of the survival strategies of the targeted nematodes. Two cover
cropping systems were evaluated:1) strip-till cover cropping system, and 2) integration of

cover cropping and soil solarization. Specific objectives of this dissertation were:

Objective 1: Determine the impact of strip-till cover cropping system on plant-parasitic
and free-living nematodes in a vegetable cropping system in Hawaii.

Hypothesis 1: Growing C. juncea and T. patula followed by strip-till of cover crops
on the cash crop planting rows will suppress plant-parasitic nematodes and enhance free-

living nematodes better than a bare fallow practice.

Objective 2: Examine impacts of the integration of C. juncea cover cropping and soil
solarization on R. reniformis and free-living nematodes.

Hypothesis 2: Crotalaria juncea cover crop could suppress R. reniformis more
efficiently if integrated with soil solarization similar to a biofumigation effect.

Hypothesis 3: Soil solarization will be more effective following a C. juncea planting
compared to no C. juncea cover cropping.

Hypothesis 4: Cover cropping of C. juncea will reduce the negative impact of soil

solarization on free-living nematodes.
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Objective 3: Differentiate capabilities of T. patula in suppressing egg and J,-stages of M.
incognita.

Hypothesis 5: Tagetes patula will suppress J,-stage of M. incognita better than the
egg stage.

Hypothesis 6: Tagetes patula should be planted soon after vegetable crop termination
to achieve maximum M. incognita suppression as opposed to planting T. patula after a

fallow period.

Objective 4: Determine the effect of C. juncea on the survival stage of R. reniformis.

Hypothesis 7: Incorporation of C. juncea residues will suppress R. reniformis in the
vermiform stage but not in the anhydrobiotic stage.

Hypothesis 8: Planting C. juncea in soil collected from a long-term fallow pineapple
field will stimulate some R. reniformis to revert from anhydrobiotic stage to vermiform
stage.

Hypothesis 9: Incorporation of C. juncea residues into soil previously planted with C.
juncea will suppress R. reniformis more effectively than if incorporated into soil not

previously planted with C. juncea.
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CHAPTER 2: STRIP TILL COVER CROPPING FOR PLANT-PARASITIC AND
FREE-LIVING NEMATODE MANAGEMENT

Published in the Journal of Nematology (2010) 42:11-119

2.1 Abstract

A field trial was conducted to examine whether strip-tilled cover cropping followed
by living mulch practice could suppress root-knot nematode (Meloidogyne incognita) and
enhance beneficial nematodes and other soil mesofauna, while suppressing weeds
throughout two vegetable cropping seasons. Sunn hemp (SH), Crotalaria juncea, and
French marigold (MG), Tagetes patula, were grown for three months, strip-tilled, and
bitter melon (Momordica charantia) seedlings were transplanted into the tilled strips; the
experiment was conducted twice (Season I and II). Strip-tilled cover cropping with SH
prolonged M. incognita suppression in Season I but not in Season II where suppression
was counteracted with enhanced crop growth. Sunn hemp also consistently enhanced
bacterivorous and fungivorous nematode population densities prior to cash crop planting,
prolonged enhancement of the Enrichment Index towards the end of both cash crop
cycles, and increased numbers of soil mesoarthropods. Strip-tilled SH cover cropping
followed by clipping of the living mulch as surface mulch also reduced broadleaf weed
populations up to 3 to 4 weeks after cash crop planting. However, SH failed to reduce soil
disturbance as indicated by the Structure Index. Marigold suppressed M. incognita
efficiently when planted immediately following a M. incognita-susceptible crop, but did

not enhance beneficial soil mesofauna including free-living nematodes and soil
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mesoarthropods. Strip-tilled cover cropping of MG reduced broadleaf weed populations
prior to cash crop planting in Season II, but this weed suppression did not last beyond the
initial cash crop cycle.

Key words: Crotalaria juncea, free-living nematodes, living mulch, Meloidogyne
incognita, mesoarthropods, Momordica charantia, nematode community analysis,

Tagetes patula.

2.2 Introduction

Societal demand for environmentally friendly crop production practices has increased
the need for pest suppressive cover crops (Costello and Altieri, 1995). However, most
studies aimed at examining the impact of cover crops on crop pests have examined weed,
nematode, or insect pests separately (McSorley and Gallaher, 1992; Hooks and Johnson,
2002; Ngouajio et al., 2003). Unfortunately, cover cropping strategies used to mitigate
one pest may have a negative impact on pest suppression with regards to other pest
complexes. Populations of insect pests are normally reduced by cover crops if the cash
crop is interplanted with living leguminous cover crops such as strawberry clover
(Trifolium fragiferum) and white clover (Trifolium repens) (Costello and Altieri, 1995;
Hooks and Johnson, 2001; 2002; 2004). However, suppression of plant-parasitic
nematodes by cover crops is either through mechanisms resulting from the incorporation
of organic material (Wang et al., 2001), preplanting of allelopathic cover crops (Ploeg,
2000), or by serving as a trap crop prior to incorporation (Gardner and Caswell-Chen,

1994). On the other hand, suppression of weeds by cover crops is mainly through

34



allelopathy (Hutchinson and McGiffen, 2000) or establishment of surface mulch that
physically suppress weeds (Ngouajio et al., 2003). Thus, to use cover crops for the
suppression of multiple pests requires a truly integrated strategy.

To achieve suppression of multiple pests using cover cropping system, an initial step
is to select cover crops that are suppressive to targeted plant-parasitic nematodes. Two
cover crops with distinct mechanisms for suppressing plant-parasitic nematodes are sunn
hemp (SH; Crotalaria juncea L.) (Wang et al., 2004) and French marigold (MG; Tagetes
patula L.) (Ploeg, 2002). Sunn hemp is a rapid growing legume that is used mainly as a
green manure in tropical regions (Rotar and Joy, 1983). It is a non- or poor host for many
plant-parasitic nematodes including root-knot nematodes, Meloidogyne spp. (Wang et al.,
2002), reniform nematode, Rotylenchulus reniformis Linford and Oliveira, 1940 (Wang
et al., 2001; Marla et al., 2009), and soybean cyst nematode, Heterodera glycines
Ichinohe, 1952 (Warnke et al., 2008). Sunn hemp produces monocrotaline, which is toxic
to many plant-parasitic nematodes (Rodriguez-Kabana et al., 1992; Wang et al., 2001;
Jourand et al., 2004) especially when incorporated into the soil (Wang et al., 2004). In
addition to being suppressive to plant-parasitic nematodes, SH can produce 147 to 180
kg/ha of total nitrogen and 10.41 t dry biomass/ha within 60 days when planted at 40 kg
seed/ha under optimum growing conditions in Hawaii (Rotar and Joy, 1983; K.-H. Wang,
unpublished). When incorporated into the soil, SH can enhance the abundance of free-
living nematodes that play important roles in soil nutrient cycling (Wang et al., 2004;
Wang and McSorley, 2005) and increase populations of nematode-trapping fungi (Wang
et al., 2001, 2004). Tagetes spp. also suppresses multiple genera of plant-parasitic

nematodes including Meloidogyne (Ploeg, 2002), lesion nematodes, Pratylenchus spp.
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(Evenhuis et al., 2004), and R. reniformis (Caswell et al., 1991). The main allelopathic
compound in Tagetes spp. responsible for nematode suppression is a-terthienyl
(Gommers and Bakker, 1988). However, Tagetes spp., suppresses plant-parasitic
nematodes differently than SH. Unlike SH, Tagetes spp., kill nematodes as a standing
cover crop and is ineffective after soil incorporation. Jagdale et al. (1999) supported this
hypothesis by demonstrating that nematicidal activity of Tagetes spp. was only detected
in root exudates but not in homogenized extracts of roots and leaves.

Conventional cover cropping systems usually incorporate nematode antagonistic
plants into the soil as green manures. Although this practice may enhance populations of
free-living nematodes (Wang et al., 2003a) and soil mesoarthropods (Kautz et al., 2006),
it can disturb soil organisms that are higher in the soil food web hierarchy (Wang et al.,
2006). To mitigate this effect, cover crops in combination with conservation tillage
practices may increase organisms higher in the hierarchy of the soil food web such as
omnivorous and predacious nematodes, collembolans, and mites that also contribute to
soil nutrient cycling (Coleman, 1996). For example, living mulches can be used in strip-
till cover cropping system for insect management purposes (Hooks and Johnson, 2001).
In addition, continuous clipping of a SH living mulch as surface mulch provided
additional benefits of slower release of nutrients and physical weed suppression (Wang et
al., 2008).

The experiment described here is part of a larger project aimed at developing cover
cropping strategies to manage above- (insect and weeds) and below- (nematode and
mites) ground organisms concurrently. This experiment was conducted in a bitter melon

(Momordica charantia L.) production system. Bitter melon is a popular vegetable among
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the Asian ethnic group in Hawaii but had received limited research attention. Currently,
farmers struggle to grow bitter melon due to damage caused by M. incognita (Kofoid &
White, 1919). The specific objectives of the experiment were to determine the impact of a
strip-tilled cover crop planting system on 1) the suppression of plant-parasitic nematodes,
2) the abundance of beneficial soil mesofauna including nematodes and soil

mesoarthropods, 3) weed suppression, and 4) crop growth and yield.

2.3 Materials and Methods

A field experiment was conducted on a commercial farm in Kunia, HI (21° 28’ N,
158°04° W) in 2007 (Season I) and repeated in 2008 (Season II). The soil at the study
site is described as Kunia silty clay (fine parasesquic, isohyperthermic oxic dystrustepts)
with a pH ~ 5. The study site was historically infested with high populations of M.
incognita. The experiment had three cover crop treatments: 1) C. juncea ‘Tropic Sun’
(SH) (seeded at 40 kg/ha), 2) T. patula ‘Single Gold” (MG) (seeded at 2 kg/ha), and 3)
bare ground (BG). Treatments were arranged in a randomized complete block design
with four replications and each experimental plot was 11 x 11 m?.

Season I: Cover crops were grown from October 2007 to January 2008. Cover crops
were sown in 0.6-m spaced rows (i.e. 18 rows/plot). At the end of the cover cropping
period, SH was mowed to a height of 10-cm using a flail mower. Marigold plots were not
mowed because of its short plant stature. Sunn hemp and MG biomass was estimated

prior to mowing by cutting cover crop stems at the soil surface from a 0.18-m? quadrate,
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from three quadrants randomly located in each treatment plot. Plant material was oven
dried at 70 °C for 3 d, and weighed.

Alternate SH and MG rows were then incorporated into the soil using a hand-held
tiller; untilled cover crop rows remained as living mulches. Two wk after cover crop
incorporation, 3-wk-old bitter melon seedlings were transplanted into the tilled strips.
Nine rows with six bitter melon seedlings per row were planted per plot. A trellis
consisting of wooden poles and nylon nets was built in each row to accommodate the
aerial growth of bitter melon vines. Bitter melon plants were fertilized with urea (46-0-0)
and 10-20-20 N-P-K fertilizer (Gaviota high grade fertilizer, Brewer Chemical
Corporation, Honolulu, HI) at 67 kg/ha one and six wk after transplanting, respectively,
which is equivalent to 38 kg/ha of N, 13 kg/ha of P,Os, and 13 kg/ha of K,O throughout
each cropping cycle. Plots were drip irrigated and spot treated with glyphosate as
necessary. Due to heavy infestation with melon fly, Bactrocera cucurbitae, the melon fly
bait GF-120 (Dow AgroSciences LLC, Indianapolis, IN) was sprayed weekly beginning
at 6 wk after transplanting on weeds surrounding the experimental plots. Bitter melon
fruits were harvested from whole plot between 12 to 21 wk after transplanting, and fruit
number and fruit weight were recorded.

Season Il: Treatments in season Il were superimposed on the same plots established
in Season I to maintain treatment integrity and determine the cumulative impact of each
treatment over two cropping seasons. Bitter melon plants from the initial crop were
manually removed from each treatment plot. On 7 July 2008, MG was reseeded
immediately into the MG plots after removal of bitter melon plants. Other treatments

were left weedy fallow for 2 mon. Sunn hemp was sown on 15 August 2008. On 7
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October 2008, cover crop biomass was estimated and alternate rows of cover crops were
tilled as described for Season I. Learning from the experience in Season I that flail
mowing of SH at low height did not allow SH to grow back as living mulch, and also to
avoid the effort to reconstruct the trellis for the bitter melon crop, alternate SH rows were
not mowed but were trimmed to approximately 30-cm height and were kept as living
mulch in Season II. Sunn hemp was trimmed three times (1, 6, and 13 wk after bitter
melon planting) to avoid shading of the cash crop and also to provide surface mulch on
cash crop rows. Management of MG remained the same as in Season I. The experiment
was maintained similar to that described in Season I except that malathion 5 EC (Micro
Flo Company LLC, Memphis, TN) was applied at a rate of 17 ml/liter in addition to the
weekly GF-120 applications to protect the crop from melon flies.

Nematode assay: Soil samples were taken before the beginning of the experiment (22
October 2007), at cover crop termination (3 February 2008 in Season I; 21 November
2008 in Season II), and at bitter melon termination (16 May 2008 in Season I; 24
February 2009 in Season II). Six soil cores (2.5-cm diam. x 20-cm deep) were collected
from each plot and combined into one composite sample. Samples were placed in a
labeled plastic bag and placed in a cooler for transport to laboratory. Nematodes were
extracted from a 250-cm’ subsample of soil by elutriation followed by centrifugal
flotation (Jenkins, 1964). Nematodes were identified to genus level whenever possible
and counted using an inverted microscope (Fluovert, Leitz Wetzlar, Germany).
Nematodes were categorized into five trophic groups: bacterivores, fungivores,
herbivores, omnivores, or predators (Yeates et al., 1993). Nematode richness was

determined by total number of taxa (mostly at genus level with the exception of the
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family Rhabditidae). Additional nematode community indices calculations included
Simpsons index of diversity (Simpson, 1949), maturity index (MI) (Bongers and Bongers
1998), enrichment index (EI), structure index (SI) and channel index (CI) (Ferris et al.,
2001). Species of Meloidogne were identified by esterase phenotype (Esbenshade and
Triantaphyllou, 1985).

Five bitter melon plants were removed from each plot at the end of each season for
root gall rating. Root galling was rated on a modified scale of 0 to 7 where 0 = no galls, 1
= <1% of root system galled (1 or 2 galls present), 2 = 1% (3 to 10 galls present), 3 = 5-
10% of root system galled (11 to 30 galls), 4 = <25% of root system galled, 5 = 25% to
50% root system galled and not functioning, 6 = 50% to 75% root system galled and not
functioning, 7 =>75% of root system galled (Taylor and Sasser 1978; Netscher and
Sikora, 1990).

Soil mesoarthopod assay: One hundred g soil subsamples of from each collected
sample were incubated in a Berlese trap (Kim and Jung, 2008) for 3 d using 25 watt bulbs
(soft while, GE lightening, General Electric Company, OH). Soil mesoarthropods were
collected in glass jars containing 70% ethyl alcohol, identified to order under a stereo
microscope (Nikon, Serco Technical Services, CA), and categorized into trophic groups
(Coleman, 1996).

Weed biomass and coverage: Weed biomass was estimated during the cover crop
growing season (19 December 2007) in Season I by clipping weeds at the soil surface
from three, 0.37-m” quadrats randomly placed in three areas per plot, oven dried at 70°C
for 3 d and weighed. However, in Season II weeds were monitored by Horsfall and

Barratt (1945) scale of 1 to 12, where 1 = 0%, 2 =1-3%, 3 = 4-6%, 4 =7-12%, 5 = 13-
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25%, 6 =26-50%, 7 =51-74%, 8 =75-87%, 9 = 88-93%, 10 =94-96%, 11 = 97-99%,
and 12 = 100% of ground covered. The Horsfall and Barratt scale was also used to
monitor weed coverage approximately one month after better melon planting in both
seasons, but weeds were not monitored beyond one month after bitter melon planting as
herbicide was applied to maintain treatment integrity.

Plant growth: Five bitter melon plants per plot were randomly selected 2 wk after
transplanting. Throughout the growing season, stem diameters were measured at 2-wk
intervals using a digital caliper (Digimatic Caliper Mitutoyo Corporation, Kanagawa,
Japan).

Statistical analysis: Data were subjected to one-way analysis of variance (ANOVA)
using the general linear model (GLM) procedure in Statistical Analysis System (SAS
Institute, Cary, NC). Nematode and soil mesoarthropod abundance data were log-
transformed [log (X +1)] prior to ANOVA to normalize the data distribution.
Untransformed arithmetic means of all data are presented. Data for all community indices
and weed monitoring were not transformed prior to analysis. Means for specific
sampling times were separated by Waller-Duncan k-ratio (k =100) t-test wherever

appropriate.

2.4 Results

Biomass of cover crops: Sunn hemp dry biomass generated at the end of the cover

cropping period in Season I and I was 5,895 + 2,406 and 5,618 + 1,529 kg/ha,
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respectively. Whereas, dry biomass of MG at the end of the cover cropping period was <
200 and 865 * 314 kg/ha in season I and II, respectively.

Meloidogyne incognita: Because M. incognita was the most prevalent and damaging
plant-parasitic nematode found at the study site, only the abundance of M. incognita with
respect to plant-parasitic nematodes is reported. Before the beginning of the experiment,
nematode population densities were not different among treatments (data not shown). In
Season I, population densities of M. incognita were not suppressed by SH at cover crop
incorporation (Pi), but were suppressed by SH by the end of the bitter melon crop (Pf) (P
<0.05, Table 2.1). In Season II, population densities of M. incognita were suppressed by
SH and MG at cover crop incorporation (P < 0.05), but not at bitter melon termination (P
> (.05, Table 2.1). Root-gall index at termination of the bitter melon crop was reduced
only by SH in Season I, but was reduced by SH and MG in Season II (P < 0.05), although
no difference was observed between SH and MG (Table 2.2).

Nematode community analysis: Several genera of free-living nematodes were
significantly higher in SH than BG at Pi but no treatment differences were observed at Pf
(Table 2.3). Population densities of bacterivorous and fungivorous nematodes at Pi were
higher in SH than BG during both seasons (P < 0.05), but were not different between MG
and BG (Table 2.3). Bacterivorous nematodes enhanced by SH compared to BG at Pi
were Acrobeloides, Cephalobus, and Rhabditidae in Season I, and Eucephalobus,
Prismatolaimus, and Rhabditidae in Season II. Except for Rhabditidac and Acrobeloides
in Season II, levels of all taxa of bacterivores in SH were similar to BG at Pf in both
seasons. On most sampling dates, MG did not affect population densities of bacterivorous

or fungivorous nematodes. However, Rhabditidae numbers were enhanced by MG at Pf
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during Season I (P < 0.05; Table 2.3). Abundances of most bacterivorous and
fungivorous genera were not different between SH and MG except for a few genera
where SH had higher abundances than MG (P < 0.05; Table 2.3). Population densities of
omnivorous and predacious nematodes were relatively low throughout the study and no
differences were detected among treatments.

Nematode richness, the number of nematode taxa, was not impacted by SH or MG
during either seasons. Although nematode diversity was reduced by both cover crops as
compared to BG at Pi in Season I (P < 0.05), nematode diversity recovered to levels
similar to BG at Pf and was not different from BG in Season II (Table 2.4). No difference
in MI was detected among treatments during Season I and II. The EI was consistently
higher in SH and MG than BG throughout Season I (P < 0.05), but was only higher in SH
compared to BG at Pf in Season II (P < 0.05). The CI was not different among treatments
in Season I, but was higher in MG compared to BG at Pi in Season II (P < 0.05), and
lower in SH compared to BG at Pf in Season II (P < 0.05). Cover crops did not affect SI
during the experiment (P > 0.05).

Soil mesoarthropod populations: Population densities of soil mesoarthropods were
low and did not differ among treatments in Season I. However, densities of
mesoarthropods increased in Season II. The majority of these soil mesoarthropods were
predatory mites (Actinedida, Astigmata, Prostigmata, Mesostigmata), fungivorous or
detritivorous mites (Oribatida), spiders (predators) and springtails or Collembola
(fungivorous). Relative to BG, numbers of predatory mesoarthropods were higher in SH

at Pi, and numbers of fungivorous or detritivorous mesoarthropods were higher at Pi and
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Pf (P < 0.05, Table 2.5). Predatory mesoarthropods were only higher in MG compared to
BG at Pi in Season II (P < 0.05).

Weeds: Total weed densities were lower in SH plots before bitter melon planting in
Season 1. Broadleaf weeds were lower in SH at one month after bitter melon planting in
both seasons, and prior to planting in Season II (P < 0.05; Table 2.6). When comparing
MG to BG , broadleaf weed densities were lower (P < 0.05) before bitter melon planting,
but grass densities were higher (P < 0.05) at one month after bitter melon planting in
Season II (Table 2.6).

Bitter melon plant growth and yield: In Season I, bitter melon growth was severely
impacted by M. incognita infestation and fruits were severely damaged by melon flies in
all treatments, resulting in no yield differences among treatments. Despite no yield
difference among treatments in Season II, stem diameter of bitter melon measured prior

to fruiting stage was greater in SH and MG than in BG (P < 0.05, Fig. 2.1).
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TABLE 2.1. Population densities of Meloidogyne incognita in a strip-tilled cover
cropping system with marigold (MG) and sunn hemp (SH), as well as bareground (BG) at
cover crop incorporation (Pi) and at termination (Pf) of bitter melon (Momordica

charantia) in two seasons.

Season | Season II
Treatments Pi Pf Pi Pf
Number of M. incognita/250 cm” soil
BG 50%a 568 a 55a 292 a
MG 63 a 558 a 25b 145a
SH 15a 68 b 26b 206 a

"Means are an average of four replications. Means in a column followed by the same
letter do not differ according to Waller-Duncan k-ratio (k= 100) t-test based on log(x+1)

transformed values.
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TABLE 2.2. Meloidogyne incognita root gall index on bitter melon (Momordica
charantia) in a strip-tilled cover cropping system with marigold (MG) and sunn hemp

(SH), as well as bareground (BG) in two seasons.

Treatments Season | Season 11

----Root-gall index (0-7 scale) *---

BG 6.55° a 6.26 a
MG 5.80 ab 3.65b
SH 3.90 b 2.57b

*Root gall index (0-7 scale; 0 = no galls, 7 = >75% of root
system galled).

® Means are an average of four replications. Means in a column
followed by the same letter(s) do not differ according to

Waller-Duncan k-ratio (k= 100) t-test.
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TABLE 2.3. Population densities of free-living nematode genera in a strip-tilled cover
cropping system with marigold (MG) and sunn hemp (SH), as well as bareground (BG) at
cover crop incorporation (Pi) and at termination (Pf) of bitter melon (Momordica

charantia) in two seasons.

Pi Pf
P BG MG SH BG MG SH
Nematode value
——————————————————— Nematode genera / 250 cm’ soil
Season |

Bacterivores

Acrobeloides 2 20° b 80ab 123 a 0a 10 a 0a

Cephalobus 2 60 b 118 ab 175a 175a 252 a 388a

Cervidellus 2 58 ab 25 b 95a 6a 0a 6a

Drilocephalobus 2 68 a 60 ab 3b 56 a 19 a 31a

Rhabditidae 1 230 b 493 ab 880 a 113b 238 a 500 a

Total 790 b 1,130ab 1,625a 931a 1,094 a 1,7%a
Fungivore

Aphelenchus 2 288 b 475ab 1,365a 506 a 250 a 469 a

Total 405 b 573 b 1,488 a 681 a 338 a 763 a
Total omnivore 58 a 25 a 108 a 8la 19 a 56 a
Total nematodes 1,252 b 1,727ab 3,220a 1,693a 1450 a 2,612a
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TABLE 2.3. Contd.

Pi Pf
Nematode c-p BG MG SH BG MG SH
value
------------------ Nematode genera / 250 cm”® §0il-----------------
Season 11
Bacterivores
Acrobeloides 2 2 a 2 a 6a 25¢ 70 a 43 b
Cephalobus 2 172 a 57 b 271a 140a 200 a 127 a
Eucephalobus 2 367 b 310 b 738a 472a 297 a  298a
Prismatolaimus 3 32 b 197ab  241a 165a 220 a 270a
Rhabditidae 1 287 b 177 b 618a  302b 342 ab 671 a
Total 1,235 b 1,012 b 228la 1,435a 1,430 a 1,731a
Fungivores
Aphelenchoides 2 35 b 62ab 213a 92a 115 a 150 a
Aphelenchus 2 242 ab 207 b 383a 237a 135 a  268a
Filenchus 2 5b 40 ab 78 a 70 a 37 a 41 a
Psilenchus 2 0 a 0 a Ja 0b 0b Ja
Total 282 b 320 b 698a 410a 315 a 473a
Total omnivores 35 a 25 a 32a 45 a 40 a 65a
Total nematodes 1,552 b 1,357 b 3,012a 1,890a 1,785 a 2,270a

*See Bongers and Bongers (1998).
® Data are untransformed arithmetic means of four replications. Means in a row within
each sampling time followed by the same letter(s) are not differ according to Waller-

Duncan k-ratio (k=100) t-test based on log(x+1) transformed values.
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TABLE 2.4. Nematode community indices in a strip-tilled cover cropping system with

marigold (MG) and sunn hemp (SH), as well as bareground (BG) at cover crop

incorporation (Pi) and at termination (Pf) of bitter melon (Momordica charantia) in two

s€asons.

Season | Season II
Treatments Pi Pf Pi Pf
Diversity
BG 8.53"a 6.47 a 5.66 a 7.40 a
MG 595b 593 a 6.34a 7.55a
SH 4420 595a 6.69 a 7.08 a
Maturity index
BG 1.98 a 2.08a 1.95a 1.99 a
MG 1.76 a 2.04 a 2.05a 1.95a
SH 1.72 a 1.84 a 191 a 1.85a
Enrichment index
BG 59.50b 45.74 b 50.74 a 5331b
MG 69.41 a 5483 a 49.87 a 57.55b
SH 70.50 a 5791 a 58.68 a 72.47 a
Channel index
BG 3351a 5831 a 20.74 b 2735a
MG 21.07 a 36.75 a 29.75 a 20.84 ab
SH 29.42 a 2745 a 23.58 ab 15.55b
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TABLE 2.4. Contd.

Season | Season 11

Treatments Pi Pf Pi Pf

Structure index

BG 33.86"a 29.12 ab 17.70 a 29.76 a
MG 17.04 a 43.09 a 3298 a 35.01 a
SH 592a 12.67 b 2351 a 32.62a

*Means are an average of four replications. Means in a column within a community index
followed by the same letter(s) do not differ according to Waller-Duncan k-ratio (k= 100)

t-test.
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TABLE 2.5. Population densities of mesoarthropods in a strip-tilled cover cropping
system with marigold (MG) and sunn hemp (SH), as well as bareground (BG) at cover

crop incorporation (Pi) and at termination (Pf) of bitter melon (Momordica charantia) in

Season II.
Treatments P1 Pf
Predators® Fungivores / Predators Fungivores /
detritivores” detritivores
Number of mesoarthropods / 100 g soil
BG 10°b 4b 8a b
MG 25a 5ab 7a 3b
SH 20 a 8a 9a 6a

*Predator refers to mites, Actinedida, Astigmata, Prostigmata, and Mesostigmata and
spiders.

°Fungivores and detritivores include Oribatida, and collembolan.

‘Means are an average of four replications. Means in a column followed by the same
letter(s) do not differ according to Waller-Duncan k-ratio (k= 100) t-test based on

log(x+1) transformed values.
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TABLE 2.6. Weed biomass or coverage in a strip-tilled cover cropping system with
marigold (MG) and sunn hemp (SH), as well as bareground (BG) of bitter melon

(Momordica charantia) in two seasons.

Weed coverage

Treatments QGrass Broad leaves Total

Season |
Before crop planting®

Biomass (g / m?®)°

BG - - 206.80 a°

MG - - 116.36 ab

SH - - 5045 b
After crop plantingd

Horsfall-Barratt scale

BG 2.17 a 2.17 a 3.08 ab
MG 233a 1.58 ab 4.00 a
SH 2.00a 1.50 b 225 b
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TABLE 2.6. Contd.

Weed coverage

Treatments Grass Broad leaves Total

Season 11

Before crop planting®

BG 2.00a 4.08 a 450 a

MG 1.27a 2.16 ¢ 4.08 a

SH 4.08 a 3.16 b 541 a
After crop planting®

BG 325b 333 a 425 a

MG 475 a 3.08 ab 533 a

SH 2.83b 191 b 3.00 b

At termination of cover crops but before mowing or strip-tilling of cover crops.
®Biomass of weeds are an average of three quadrates composed of grasses and broadleaf
weeds.

‘Means are an average of four replications. Means in a column followed by the same
letter(s) do not differ according to Waller-Duncan k-ratio (k= 100) t-test.

At 3 and 4 wk after bitter melon crop planting in Season I and II, respectively.
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Bitter melon stem diameter (mm)

Weeks after transplanting

FIG. 2.1. Bitter melon stem diameter in Trial II. Means within each sampling date

followed by the same letter are not different according to Waller-Duncan k-ratio (k=100)

t-test.
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2.5 Discussion

The strip-tilled SH cover cropping system tested in these experiments suppressed M.
incognita until the end of the bitter melon crop in Season I. McSorley et al. (2009)
examined the effect of SH in a strip-tilled cover cropping system and reported that SH
suppressed stunt nematodes (Quinisulcius acutus) until the end of a squash crop.
However, M. incognita population densities were similar in SH and BG at the end of
Season II and may have been due to healthier plants and associated root growth of bitter
melon grown after a SH cover crop. Similar results were also observed in a SH
amendment experiment in the greenhouse where enhancement of cash crop growth by SH
resulted in greater numbers of M. incognita at the end of the experiment (Wang et al.,
2004). Although continuous clipping of SH living mulch throughout the bitter melon
crop in Season II was hypothesized to provide longer-term suppression of plant-parasitic
nematodes than that of BG, we did not observe this effect. Use of SH residues as surface
mulch did not suppress population densities of M. incognita (Wang et al., 2008), and
using SH in a no-till system also failed to suppress Meloidogyne spp. (Chellemi, 2006).
Thus, based on these findings, use of SH cover crop in a strip-tilled system followed by
using its residues as surface mulch will not provide additional plant-parasitic nematode
suppression compared to that obtained in a conventional tillage system. However, we are
more interested in the additional benefits of SH strip-tilled cover cropping system in term
of enhancing beneficial mesofauna and suppressing weeds.

Suppression of M. incognita by strip-tilled MG cover cropping was inconsistent in

this study. Strip-tilled MG did not suppress M. incognita in Season I when MG was
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planted after a fallow period, whereas it did suppress M. incognita in Season I when MG
was seeded immediately after the termination of the bitter melon crop. This immediate
reseeding of MG was based on the assumption that the allelopathic effect of MG on M.
incognita can be enhanced if MG is planted when M. incognita juvenile are active in soil.
It is possible that MG is ineffective in suppressing M. incognita when planted into a field
that has been fallow for a lengthy period because juvenile nematodes may have entered a
survival stage (Oka and Mizukubo, 2009). Since only living MG root systems exhibit
nematicidal properties, incorporation of MG residues into the soil does not suppress M.
incognita (Jagdale et al., 1999; Ploeg, 2000). Planting MG immediately after a bitter
melon crop allowed MG to release allelopathic compounds against active M. incognita,
and thus was more effective. The removal of bitter melon plants prior to planting MG in
Season Il may have reduced the pressure from M. incognita as suggested by LaMondia
(2008) who reported that the reproductive factor of tobacco cyst nematode, Globodera
tabacum Lownsberry & Lownsberry, 1954,was reduced after destruction of stalks,
stumps, and roots of the previous crop. Additionally, the earlier sowing date of MG in
Season II may have allowed better establishment and greater biomass production of MG
than in Season I which also may have contributed to greater suppression of M. incognita
by MG in Season II. However, MG did not reduce M. incognita population densities
compared to BG at termination of the bitter melon crop in Season II possibly due to better
plant growth of bitter melon crop in MG.

Most conventional cover cropping system using leguminous plants fail to enhance
omnivorous and predatory nematodes over a vegetable cropping season when compared

to fallow with weeds (Wang et al., 2006). We anticipated that strip-tilled cover cropping
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with SH and MG would reduce soil disturbance and therefore enhance nematodes with
higher c-p values such as omnivores and predatory nematodes. However, no reduction in
soil disturbance to nematode communities was observed in the rhizosphere of bitter
melon in these experiments. In contrast, SI which reflects abundances of omnivorous and
predatory nematodes, was lowest in SH at Pf of Season I. This lack of increase in the
abundance of predatory nematodes in SH was most likely due to disturbance in the strip-
till zone and negligible initial populations of these nematodes. A similar strip-tilled cover
cropping experiment was conducted at Homestead, FL at a location where predatory
nematodes were abundant initially (McSorley et al., 2009). However, strip-tilled SH only
increased omnivorous and predatory nematodes at termination of the cover crop, and this
effect did not persist during the subsequent squash crop (McSorley et al., 2009). Thus,
initial populations of omnivorous or predatory nematodes are not the limiting factor but
reduction of soil disturbances could maximize the benefits of strip-tilled cover cropping.
The integration of conservation tillage and continuous inputs of organic matter could
increase SI as compared to conservation tillage in a non-organic farming system
(Sanchez-Moreno et al., 2009). In addition, no-till practices further increased SI in an
organic system compared to a strip-tilled system. More time may be required to enhance
omnivorous or predatory nematodes at sites that have been exposed to severe
disturbances from conventional tillage practices (Okada and Harada, 2007).

Abundance of bacterivorous and fungivorous nematodes is often used as indicator of
soil nutrient enrichment or depletion (Bongers and Bongers, 1998; Ferris et al., 2001).
Sunn hemp consistently increased the abundance of bacterivorous and fungivorous

nematodes at cover crop incorporation, but this effect did not last until the end of the
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bitter melon crop. We were anticipating that strip-tilled cover cropping could prolong the
enhancement of bacterivorous nematodes over a longer period of time, i.e. at least until
harvest of the cash crop. Previously, Wang et al. (2003a) reported bacterivorous
nematodes abundance could be enhance after planting squash in a SH amended soil for
two months if the initial numbers of bacterivorous nematodes were low (< 250/250 cm®
soil) initially. The number of bacterivorous nematodes in BG at this experimental site
were relatively high (790 and 1,235/250 cm’ soil in Season I and I, respectively).

A more sensitive soil nutrient indicator, EI (Ferris et al., 2001) was used to evaluate
soil nutritional enrichment. The EI was enhanced by SH strip-tilled cover crop practice
throughout the two cropping seasons compared to BG. However, previous studies using
SH as a soil amendment in greenhouse pots failed to enhance EI two months after squash
planting in three different soils (Wang et al., 2003a). It is possible that continuous inputs
of surface organic mulch by clipping of the SH living mulch in the current study might
have sustained higher EI throughout the cropping season compared to BG. Wang et al.
(2008) demonstrated that planting SH alone or leaving SH residues as surface organic
mulch without soil incorporation did not enhance EI. The current strip-tilled SH cover
cropping system allowed partial incorporation of SH residues, and partial surface organic
mulch, thus, increasing the chances of soil enrichment.

The CI is used to access the primary decomposition pathways, where higher CI
indicates a dominance of fungal decomposition and is often associated with more
stressful soil conditions (Ferris et al., 2001). In general, EI values increased whereas CI
decreased from Season I to Season II, indicating that continuous strip-tilled cover

cropping, especially with green manure crops like SH, increased soil nutrient enrichment,
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and reduced soil stress. A stressful soil condition generally infers that the soil is
disturbed, dominated by fungal decomposition while lacking bacterial decomposition, has
a degraded soil food web with low biodiversity, and is undergoing nutrient depletion
(Ferris et al., 2001). On the other hand, soil health is the capacity of a soil to function
within ecosystem boundaries to sustain biological productivity, maintain environmental
quality, and promote plant and animal health (Doran et al., 1996). A healthy soil should
be able to support life processes such as plant anchorage and nutrient supply, retain
optimal water and soil properties, support soil food webs, recycle nutrients, maintain
microbial diversity, remediate pollutants, and sequester heavy metals. All of these
conditions are difficult to measure by soil nutrient analysis, and will require reliable
bioindicators such as nematode community indices (Wang and McSorley, 2005). Sunn
hemp only reduced CI at Pf in Season Il indicating that reduction of soil stress through
strip-tilled cover cropping takes time. Further research is needed to continue monitoring
nematode community indices to confirm the longer-term impact of strip-till cover
cropping.

Marigold did not enhance any free-living nematodes. Additionally, most of the
nematode community indices after MG cover crop did not differ from those in BG. This
result is different from findings of Yuhara (1971) where different organic amendments
including wild MG enhanced the abundance of free-living nematodes. However, similar
to our finding, MG ‘Single Gold’ as a summer cover crop did not enhance bacterivorous,
fungivorous, and omnivorous nematodes on a winter squash crop compared to that of BG
(McSorley et al., 2009). The amount of MG biomass produced in the current experiment

was probably insufficient to enhance free-living nematodes. However, T. erecta as a
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cover crop also did not enhance free-living nematodes in a pineapple agroecosystem
where biomass of T. erecta was relatively high (Wang et al., 2003b) Further research
need to be tested to find out if higher biomass of MG could enhance free-living
nematodes. It was clear that MG did not produce toxic compound against free-living
nematodes in this study similar to that reported by Ball-Coelho et al. (2001).

Another goal of this research was to assess the impact of strip-tilled cover cropping
on other organisms in the agricultural ecosystem. Population densities of soil
mesoarthropods at Pf of Season I were low, likely due to poor biological activity after a
prolong period of fallow and a previous history of extensive cultivation. However, strip-
tilled cover cropping of both SH and MG increased predatory and
fungivorous/detritivorous soil mesoarthropods at Pi of Season II. This result is consistent
with previous findings which showed that the abundances of fungivorous and
detritivorous soil mesoarthropods was positively correlated with soil organic matter
inputs (Kim and Jung, 2008). Strip-tilled MG failed to sustain higher numbers of soil
mesoarthropods until the end of bitter melon crop in Season II most probably because
MG cover crop started to senesce prior to completion of the primary crop growth season.
However, the SH living mulch continued to supply more organic surface mulch through
clippings, thus SH continued to increase fungivorous/detritivorous soil mesoarthropods at
Pf of Season II.

Strip-tilled cover cropping of SH reduced broadleaf weeds but not grass weeds in this
experiment, similar to when SH was used as surface organic mulch (Wang et al., 2008).
Weed suppression by SH lasted until 3-4 weeks after bitter melon planting. However,

MG suppressed broadleaf weeds only during the cover crop growing stage, prior to bitter
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melon transplanting. Longer weed suppression from SH probably occurred because SH
clippings were added during the cash crop growing period. Herbicide sprays may need to
be integrated into this strip-tilled SH cover cropping system to manage weed populations
towards the end of the cash crop season.

Due to severe fruit fly damage on bitter melon, the benefits of strip-tilled cover
cropping on cash crop yield could not be evaluated. However, larger stem diameter of
cucurbit has been shown to be correlated with crop yield (Marsic” and Jakse, 2010).
Bitter melon growth was highest in SH and this was most likely due to green manure
effects. In this study, two cropping seasons were required to see a benefit of cover
cropping on plant growth.

In conclusion, the current work demonstrated that strip-tilled cover cropping with SH
did not provide additional plant-parasitic nematode suppression, but did provide
additional weed suppression, and improved soil health conditions over two cropping
seasons compared to MG. Further research is needed to reduce soil disturbance by strip-

tilled cover cropping to maximize the benefits of this system.
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CHAPTER 3: INTEGRATION OF SUNN HEMP COVER CROPPING AND SOIL
SOLARIZATION FOR PLANT-PARASITIC AND FREE-LIVING NEMATODE

MANAGEMENT

3.1 Abstract

Sunn hemp (SH), Crotolaria juncea, is known to suppress reniform nematode,
Rotylenchulus reniformis and weeds while enhancing free-living nematodes involved in
nutrient cycling. Field trials were conducted in 2009 (Winter) and 2010 (Summer) to
examine if SH cover cropping could suppress R. reniformis and weeds while enhancing
free-living nematodes if integrated with soil solarization. A 3-month cover cropping of
SH, soil solarization (SOL), and SH followed by SOL (SHSOL) were compared to weedy
fallow (C), prior to planting a R. reniformis susceptible host, cowpea, Vigna unguiculata.
Rotylenchulus reniformis population was suppressed (P < 0.05) by SHSOL at the end of
cover cropping or solarization period (P1) in Winter, but not in Summer. However, SOL
and SHSOL did not suppress (P < 0.05) R. reniformis compared to SH in either trial. On
the other hand, SH enhanced (P < 0.05) abundance of bacterivorous nematodes and
suppressed the percentage of herbivorous nematodes at Pi in Summer, although this
effect was not significant in Winter. At termination of the experiment, a higher
enrichment index indicating greater soil nutrient availability and, and a higher structure
index indicating a less disturbed nematode community, was observed in SH (P < 0.05)
compared to C. SOL suppressed (P < 0.05) bacterivorous and fungivorous nematodes at

Pi and Pf in Summer, but not in Winter. SHSOL enhanced bacterivorous and fungivorous

68



nematodes (P < 0.05) at Pi in Winter but not in other sampling times. Weeds were
suppressed (P < 0.05) by SH, SOL and SHSOL up to Pf in Winter and at five wk of
cowpea planting in Summer. SHSOL suppressed R. reniformis and enhanceed free-living
nematodes better than SOL, and suppressed weeds better than SH. All treatments were
better than C on weed suppression.

Keywords: Crotalaria juncea, enrichment index, nematode community analysis,

Rotylenchulus reniformis, Vigna unguiculata, structure index, weeds.

3.2 Introduction

The reniform nematode, Rotylenchulus reniformis [Linford & Oliveira, 1940], is a
common plant-parasitic nematode in Hawaiian pineapple, Ananas comosus, fields
(Rohrbach and Apt, 1986; Ko and Schmit, 1996). This nematode is an economically
important pathogen because it can reduce pineapple marketable yield by up to 26.8%
(Sipes, 1994) at first crop and by 50% in ratoon crops (Sipes, 1996). Rotylenchulus
reniformis is difficult to manage because it adopts an anhydrobiotic state under dry
conditions (Tsai, 1978) and can survive for 1.5 years in this state (Apt, 1976).

One of the more effective non-chemical control tactics against soilborne diseases and
pests is soil solarization (Katan et al., 1976). Soil solarization is a method of heating the
soil beneath transparent polyethylene mulch for 4 to 6 weeks so that soil reaches
temperatures detrimental to soilborne pests (Katan et al., 1976). Soil solarization relies on
solar energy that is conveyed into soil after covering the soil with transparent, uv-

stabilized, low-density polyethene mulch. Soil solarization has been used to suppress
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plant-parasitic nematodes (Katan et al., 1976; Katan, 1981; Wang et al., 2006; Zasada et
1., 2010) and weeds (McSorley and Parrado, 1986; Chase et al., 1998; McSorley et al.,
2008). Thus, soil solarization offered one alternative to nematicide and herbicide for
pineapple production in Hawaii. However, in conventional pineapple production fields
are fallowed for 3 to 12 mon after crop termination (Rohrbach, 1988; Rohrbach and
Schmitt, 2003). This fallow period facilitates R. reniformis entry into an anhydrobiotic
state (Tasi, 1978) which is more difficult to manage (Deliopoulos et al., 2010) than in
their active stage (Womersley and Ching, 1989). Therefore, conducting soil solarization
in a field that has been fallowed for a long time may not suppress R. reniformis
efficiently.

Various cover crops have been used to reduce the abundance of plant-parasitic
nematodes in fields (Rodriguez-Kabana et al., 1992; Wang et al., 2001). Sunn hemp,
Crotalaria juncea L., is a non-host or poor host for many plant-parasitic nematodes
including Meloidogyne spp. (Good et al., 1965; Rotar and Joy, 1983; Wang et al., 2002)
and R. reniformis (Wang et al., 2001; 2002). When incorporated into soil, sunn hemp
residues produce monocrotaline (Crout, 1968) toxic to many plant-parasitic nematodes
(Rodriguez-Kabana et al., 1992; Rich and Rahi, 1995; Wang et al., 2001; 2004a).
Although sunn hemp roots are penetrated by R. reniformis, the development of these
nematodes is delayed (Wang et al., 2001). Thus, planting sunn hemp prevents R.
reniformis from entering an anhydrobiotic state. Integration of sunn hemp cover
cropping with soil solarization allows the solarization heat to target the active vermiform
stage of the nematode, thus should be more efficient nematode management strategy as

compared to either method employed alone. This hypothesis was similar to that examined
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by Wang et al. (2006), who reported that soil solarization following a cowpea (Vigna
unguiculata L. (Walp)) cover crop suppressed Meloidogyne spp. equivalent to that treated
with methyl bromide fumigation.

In addition to plant-parasitic nematodes, free-living nematodes are a dominant
nematode fauna in most soil communities. Free-living nematodes are involved in soil
nutrient cycling and help to create a healthier soil environment (Wang et al., 2004b;
Wang and McSorley, 2005; Oka, 2010). Wang et al. (2006) demonstrated that integration
of a cowpea cover crop resistant to Meloidogyne incognita along with soil solarization
reduced the negative impact of soil solarization on free-living nematodes. The purpose of
the current research is to further evaluate the effect of integrating sunn hemp and soil
solarization on R. reniformis and free-living nematodes.

Beside nematodes, weed control is also important in a crop management program.
Weeds not only reduce yield but are hosts to many plant-parasitic nematodes. Therefore,
a good nematode management program should include a strategy for suppressing weeds
that may serve as nematode hosts.

Specific objectives of the current research were to examine impacts of integrating
sunn hemp cover cropping with soil solarization on 1) plant-parasitic nematodes, 2) free-

living nematodes, and 3) weed densities.

3.3 Materials and Methods

A field experiment to integrate sunn hemp cover cropping with soil solarization was

conducted at the University of Hawaii Experiment Station, Whitmore, Oahu, HI (21° 30’
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50’ N, 158° 01’ 23” W) in 2009 (Winter) and repeated in 2010 (Summer). The soil at the
study site is a volcanic Wahiawa silty clay (Wahiawa series; clayey, kaolinitic,
isohyperthermic, Tropeptic, Eutrustox; Oxisol) with a pH of 5.0. The experiment site had
been fallowed for approximately 5 years since the last pineapple crop. Before the
initiation of the experiment, seeds of cowpea variety ‘SCL 825’ (Peaceful Valley Farm
and Garden Supply, Grass Valley, CA) were planted at 56 kg/ha throughout the
experimental plots and grown for 10 wk up to 18 September 2009. The purpose of
planting cowpea prior to the experiment was to increase the R. reniformis populations.
Cowpeas biomass was mown, and the shoots removed from the field. Plots were
cultivated using a rototiller to 20-cm deep. The experiment contained four pre-plant
treatments: 1) cover cropping of ‘Tropic Sun’ sunn hemp (SH) (seeded at 34 kg/ha) for
12 wk, 2) soil solarization by low density polythene mulch (SOL) for 12 wk, 3) SH
grown for 6 wk followed by SOL for the remaining 6 wk (SHSOL), and 4) fallow with
weeds as a control (C) for 12 wk. Treatments were arranged in randomize complete block
design with 4 replications. Each experimental plot was 2.4 x 6 m’.

Winter: Sunn hemp was seeded in rows on each side of drip irrigation lines with row
spacing of 1.2 m wide, and intra-row spacing of 20 cm on 21 September 2009.
Solarization was performed by covering the soil with a 25-pm thick, UV-stabilized,
transparent, low-density polythene mulch (solarization mulch) (Shields Plastics, Moraga,
CA). Control treatment plots remained fallow with weeds. All plots except SOL were
drip irrigated as needed. Weeds in plots planted with SH were removed manually. On
average, 25+3% sunn hemp seedlings were damaged by birds, thus rows were reseeded

as needed. Sunn hemp foliage in SHSOL plots was cut at ground level 10 wk after sunn
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hemp planting (7 December 2009). To compensate for the bird damage, the amount of
sunn hemp biomass reduction from each SHSOL plots was estimated by length of row
missing sunn hemp. External sunn hemp biomass collected from another field site planted
at the same time was used to replace biomass missing in each plot. Sunn hemp foliage in
SHSOL plots was soil incorporated using hand hoes, and two strips of 1.2-m wide
solarization mulch were laid per plot. At 4 mon after sunn hemp planting (21 January
2010), sunn hemp in SH plots was cut at ground level and the foliage was soil
incorporated using a rototiller. Solarization mulch laid on SOL and SHSOL plots were
removed immediately at 16 and 6 wk after solarization, respectivily, same time as the
termination of SH treatment. Soil in SH and C was tilled whereas that in SOL and
SHSOL was not. Two irrigation lines were re-installed in each plot on 1.2 m centers
distance, flushed with water to stimulate weed germination and sprayed with glyphosate
(Gly Star Plus, Ankeny, [A) at 17 ml/lit water on 2 March 2010 prior to cowpea planting.
This cowpea planted after pre-plant treatments served as a bioassay for reniform
nematode infectivity. To prevent the cowpea seedlings from damaged by birds, all plots
were protected by garden nets (Diamond Netting, National Netting, Inc, GA) for 2 wk.
Weeds growing between plots were periodically sprayed with glyphosate and hand
weeded. Cowpea bioassay was terminated by cutting the plants at the soil level 10 wk
after planting (30 June 2010).

Summer: One day after termination of Winter (1 July 2010), glyphosate was sprayed
on the entire experimental site to kill weeds. The same experimental plots in Winter were
used in Summer. Sunn hemp was seeded in SH and SHSOL plots, and plots were covered

with solarization mulch on 7 July, 2010. Two months after sunn hemp planting (8

73



September 2010), sunn hemp in SHSOL plots was soil incorporated and covered with
solarization mulch. These preplant treatments were terminated on 6 October 2010, and all
plots were planted with cowpea for 10 wk and biomass was harvested on 6 January 2011.

Soil temperature: The soil temperature of SOL and SHSOL plots was recorded at
depths of 5 and 15 cm for the entire solarization period using data loggers (SpecWare 8
Basic, Spectrum Technologies, Inc., I1). Cumulative lethal hrs for nematodes (> 42 °C
soil temperature) were calculated for SOL, SHSOL and C as described by Wang and
McSorley (2008).

Nematode assay: Soil samples were taken before initiation of the experiment (18
September 2009), at termination of sunn hemp and soil solarization (28 January 2010 in
Winter, and 20 October 2010), and at cowpea harvest (01 July 2010 in Winter, and 30
December 2010 in Summer). Six soil cores from 20-cm deep were systematically
collected from each plot, composited into one sample, and transported to the laboratory.
Nematodes were extracted from a 250-cm’ subsample by elutriation (Byrd et al., 1976)
followed by centrifugal flotation (Jenkins, 1964). All nematodes extracted were identified
to genus level whenever possible and counted under an inverted microscope (Fluovert,
Leitz Wetzlar, Germany). Nematodes were categorized into six trophic groups: algivores,
bacterivores, fungivores, herbivores, omnivores or predators (Yeates et al., 1993).
Nematode richness was determined by total number of taxa (mostly at the genus level
with the exception of Rhabditidae). Additional nematode community indices calculated
including the Simpsons index of diversity (Simpson, 1949), maturity index (MI)
(Bongers and Bongers 1998), enrichment index (EI), structure index (SI), and channel

index (CI) (Ferris et al., 2001).
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Weed coverage: Weeds commonly present were firewood (Erigeron canadensis),
goosegrass (Eleusine indica), ageratum (Ageratum conyzoides), emilia (Emilia
sonchifolia), and violet crabgrass (Digitaria violascens) (Wang et al., 2003). Weed
coverage was rated 1-wk after cowpea planting (29 April 2010), at cowpea harvest (01
July 2010) in Winter, at cowpea planting (20 October 2010) and 5-wk after cowpea
planting (24 November 2010) in Summer using a Horsfall and Barrett (1945) scale of 1 to
12 where 1 = 0%, 2 =1-3%, 3 =4-6%, 4 = 7-12%, 5 = 13-25%, 6 = 26-50%, 7 = 51-
74%, 8 =75-87%, 9 = 88-93%, 10 =94-96%, 11 = 97-99%, and 12 = 100% of ground
covered.

Sunn hemp and cowpea biomass: Sunn hemp biomass was estimated from three 0.09
m’ quadrants in each SH and SHSOL plot before soil amendment of sunn hemp foliage.
Cowpea plants were cut at soil level and cowpea foliage per plot was weighed at harvest
(24 November 2010 in Winter, and 06 January 2011 in Summer).

Statistical analysis: Data were subjected to one-way analysis of variance (ANOVA)
using the general linear model (GLM) procedure in Statistical Analysis System (SAS
Institute, Cary, NC). Nematode abundance and nematode community indices were log (X
+1) or arsin(sqrt(x/100))-transformed accordingly to PROC UNIVARIATE in SAS prior
to ANOVA. Untransformed arithmetic means are presented. Means were separated by

Waller-Duncan K-ratio (k=100) t-test wherever appropriate.
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3.4 Results

Sunn hemp biomass: Sunn hemp fresh biomass in Winter was 1.8+0.2 and 3.6+0.4
Mt/ha in SH and SHSOL plots, respectively. Whereas, sunn hemp fresh biomass in
Summer was 4.0+0.2 and 2.6+0.4 Mt/ha in SH and SHSOL plots, respectively.

Soil temperature and heat units: Cumulative lethal hrs above 42 °C in the soil and
maximum soil temperature in solarized plots were listed in Table 3.1. In Winter, SOL and
SHSOL had similar maximum temperatures at the two soil depths (5 and 15 cm) and
temperatures were higher than those in SH and C. However, in Summer, SHSOL
generated more heat than SOL. Insufficient heat was accumulated at both soil depths
when solarization was conducted during the cooler months of Winter. In Summer which
was conducted during warmer months, SOL and SHSOL generated 378 and 175 hours
above 42 °C, respectively at the 5-cm soil depth, exceeding the lethal heat (14 hours of >
42°C) needed to kill M. incognita (Heald and Robinson, 1987; Wang and McSorley,
2008) (Table 3.1). However, no lethal heat units were accumulated at the 15-cm soil
depth in SH and SHSOL plots.

Impact of SH or SOL on plant-parasitic nematodes: The most dominant plant-
parasitic nematode at the experimental site was R. reniformis followed by Meloidogyne
spp. Before the beginning of the experiment, nematode population densities were similar
among treatments (data not shown). In Winter, SHSOL suppressed R. reniformis, and
Meloidogyne numbers compared to C at the end of the cover cropping or solarization
period (Pi) (P < 0.05) (Table 3.2). However, SHSOL only suppressed R. reniformis at

cowpea harvest (Pf) (P < 0.05). SHSOL did not reduce abundance of R. reniformis as
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compared to SH alone in both trials. On the other hand, SH, SOL and SHSOL suppressed
Meloidogyne population densities in Summer but not in Winter (P < 0.05) (Table 3.2).

Impact of SH or SOL on free-living nematodes: No difference was found in the
abundance of free-living nematode genera and trophic groups among treatments prior to
the beginning of the experiment. SH did not enhance total free-living nematodes in both
Winter and Summer (Table 3.3, 3.4). However, SH enhanced bacterivorous nematodes at
Pi and omnivorous nematodes at Pf in Summer (P < 0.05, Table 3.4), but not at other
sampling times. SOL did not suppress total free-living nematodes in Winter, but did
suppress (P < 0.05) total free-living nematodes at Pi and Pf in Summer (Table 3.4).
However, SOL suppressed omnivorous nematodes at Pi inWinter (P < 0.05, Table 3.3).
In Summer, SOL suppressed bacterivorous, fungivorous and omnivorous nematodes at
Pi, and omnivorous nematodes at Pf (P < 0.05, Table 3.4).

SHSOL reduced the negative impact of SOL by increasing population densities of
several free-living nematode trophic groups, both in Winter and Summer. At Pi in Winter
and Summer, population densities of total fungivorous nematodes were consistently
higher in SHSOL, compared to SOL (P < 0.05, Table 3.4, 3.5). Additionally, at Pi in
Winter, SHSOL enhanced population densities of total free-living, fungivorous and
bacterivorous nematodes (P < 0.05, Table 3.4). In contrast, at Pf, SHSOL did not increase
any free-living nematode trophic groups in Winter and Summer, compared to SOL (Table
3.4, 3.5). However, population densities of all the free-living nematode trophic groups in
Winter and Summer were similar between SHSOL and C at Pf (Table 3.4, 3.5).

Nematode community analysis: No difference was observed among pre-plant soil

treatments for all the nematode community indices prior to the beginning of the
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experiment. At Pi in Winter, all the nematode community indices measured were not
different between SH and the C (Table 3.5). However, in Summer, SH enhanced %
bacterivores, but reduced % herbivores as compared to C at Pi (P < 0.05, Table 3.6). SH
consistently supported higher EI (P < 0.05; Table 3.6) than C, in Summer. Moreover, at
Pf in Summer, higher % omnivores and SI was recorded in SH than in C (P < 0.05; Table
3.6). On the other hand, SOL at Pi in Winter reduced nematode richness as compared to
the C (P < 0.05; Table 3.5). This negative impact of SOL on nematode communities
recorded at Pi in Winter was also found at Pi and Pf in Summer, as indicated by lower %
omnivores and richness, compared to C (P < 0.05; Table 3.6). However, SHSOL had
higher % bacterivores but lower % herbivores than the other pre-plant treatments (P <
0.05) at Pi in Winter (Table 3.5). SHSOL also had lower fungivore to fungivore plus
bacterivore F/(F+B) ratio than C (P < 0.05) at Pi in Winter. At Pi in Summer, no
difference in all nematode community indices was found between SHSOL and C (Table
3.6). At Pf in Summer, similar nematode community indices were recorded in SOL and
SHSOL. However, the trends of % free-living nematode trophic groups were higher in
SHSOL as compared to SOL (Table 3.6).

Impacts on weed coverage: Weeds recorded at the experimental site were similar
among treatments (Table 3.7). At 1-wk after cowpea planting in Winter, SOL and
SHSOL suppressed broad leaf, grasses and total weed coverage compared to C (P < 0.05,
Table 3.8). However, towards the end of the cowpea crop in Winter, grasses were
suppressed by SH and SHSOL (P < 0.05), and total weeds were suppressed by SH, SOL
and SHSOL compared to C (P < 0.05, Table 3.8). Unlike Winter, broad leaf weed

coverage was equally suppressed by SH, SOL and SHSOL compared to C at cowpea
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planting in Summer (P < 0.05, Table 3.8). At 5-wk after cowpea planting, SH, SOL, and
SHSOL suppressed broad leaf, grasses and total weeds compared to C (P < 0.05).
However, broad leaf and total weeds coverage in SH was more abundant than that of
SOL and SHSOL at 5 wk after cowpea planting (P < 0.05). The weed suppressive effect
of SOL and SHSOL was similar throughout Summer (P > 0.05, Table 3.8).

Impacts on cowpea growth: Sunn hemp plots produced less cowpea fresh biomass
compared to C and SOL (P < 0.05) in Winter, but no difference was detected among C,
SOL and SHSOL (Table 3.9). Similar cowpea biomass was found among all treatments
in Summer (P > 0.05, Table 3.9). In general, cowpea growth in Summer was lower than

that in Winter.
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TABLE 3.1. Maximum soil temperature and lethal hours accumulated at the end of
preplant treatment in sunn hemp (SH), soil solarization (SOL), integration of sunn hemp
and soil solarization (SHSOL), and weedy fallow control (C) plots measured at 5 and 15

cm soil depth during the solarization period in two trials.

5 cm 15 cm

Treatments  Lethal hrs®  Max temp °C ~ Lethalhrs ~ Max temp °C

Winter
SH 0 28.0 0 27.5
SOL 1 42.5 0 33.0
SHSOL 0 39.0 0 30.0
C 0 30.5 0 27.5
Summer
SOL 378 53.0 10 43.0
SHSOL 175 59.0 5 46.0
C 0 34.5 0 30.5

*Lethal hrs are cumulative hrs with temperature > 42° C (Wang and McSorley, 2008).
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TABLE 3.2. Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL), and weedy fallow control (C) plots on abundance of plant-parasitic

nematodes/250 cm’ soil at termination of SH and SOL (Pi), and at cowpea harvest (Pf) in

two trials.
Winter Summer
Treatments Pi Pf Pi Pf
Rotylenchulus reniformis
SH 687" ab 2412 ab 808 a 375a
SOL 850 ab 4567 a 550 a 1415 a
SHSOL 205b 925b 1223 a 715a
C 927 a 333 a 1470 a 1593 a
Meloidogyne spp.

SH 92 a 457 a 8b 8b
SOL 5b 162 a 0b 13b
SHSOL 12b 100 a 13b 70b
C 92a 325a 70 a 300 a

“Means are average of 4 replications. Means in a column for each nematode genus
followed by the same letter(s) do not differ according to Waller-Duncan k-ratio (k= 100)

t-test based on log(x+1) transformed values. Only untransformed values are presented.
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TABLE 3.3. Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL), and weedy fallow control (C) plots on abundance of free-living nematode

trophic groups at termination of SH and SOL (Pi), and at cowpea harvest (Pf) in Winter.

Trophic group SH SOL SHSOL C

At Pi (28 January 2010)

Bacterivores 690” b 597 b 4577 a 702 b
Fungivores 190 b 122b 497 a 220 b
Omnivores 52a 5b 35a 37a
Predators 2a 0a 0a 0a
Total nematodes 965 b 755b 5150 a 973 b

At P (01 July 2010)

Bacterivores 3695 a 4447 a 2447 a 4120 a
Fungivores 860 a 562 a 462 a 485 a
Omnivores 47 a 62 a 45 a 72 a
Predators 2a 2a Sa 7a
Total nematodes 4630 a 5097 a 2975 a 4702 a

“Means are average of 4 replications. Means in a row followed by the same letter(s) do
not differ according to Waller-Duncan k-ratio (k= 100) t-test based on log(x+1)
transformed, and non-transfermed values for abnormally and normally distributed data,

respectively.
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TABLE 3.4. Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and

SOL (SHSOL), and weedy fallow control (C) plots on abundance of free-living nematode

trophic groups at termination of SH and SOL (Pi), and at cowpea harvest (Pf) in Summer.

Trophic group SH SOL SHSOL C
Nematode abundance/250 cm” soil
At Pi (20 October 2010)
Bacterivores 2663 a 420 ¢ 584 be 1195b
Fungivores 578 a 145 315a 388 a
Omnivores 30 ab 10b 21 ab 45 a
Predators 18 a Ja Ja 5a
Total nematodes 3310 a 600 ¢ 957 be 1655 ab
At Pf (30 December 2010)

Bacterivores 1212 ab 585b 1062 ab 1857 a
Fungivores 255 ab 155b 237 ab 637 a
Omnivores 345a 50b 130 b 198 b
Predators 13a 8a 18a 10a
Total nematodes 1830 ab 808 b 1468 ab 2735 a

“Means are average of 4 replications. Means in a row followed by the same letter(s) do

not differ according to Waller-Duncan k-ratio (k= 100) t-test based on log(x+1)

transformed, and non-transfermed values for abnormally and normally distributed data,

respectively.
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TABLE 3.5. Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and

SOL (SHSOL), and weedy fallow control (C) plots on nematode community indices at

termination of SH and SOL (Pi), and at cowpea harvest (Pf) in Winter.

Index SH SOL SHSOL C
At Pi (28 January 2010)

% Bacterivores 36.35"b 35.34b 82.56 a 34.57b
% Fungivores 1098 a 6.98 a 10.73 a 1039 a
% Herbivores 46.59 a 55.88a 527b 52.74 a
% Omnivores 4.12a 0.26 b 0.61b 1.66 ab
% Predators 0.16 a 0.00 a 0.00 a 0.00 a
F/(F+B) 0.22 ab 0.17 ab 0.11b 0.26 a
Richness 22 a 14Db 20 a 20 a
Dominance 0.21 a 0.24 a 0.31a 0.24 a
Diversity 6.39a 453 a 4.10a 4.81a
Maturity index 1.02a 212 a 1.56 a 220 a
Enrichment index 71.41 a 41460 80.46 a 58.45 ab
Structure index 46.03 a 3483 a 2775 a 54.18 a
Channel index 20.34 a 44.51 a 6.12 a 3527 a
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TABLE 3.5. Contd.

Index SH SOL SHSOL C

At Pf (01 July 2010)

% Bacterivores 45.66 a 43.28 a 58.85a 43.58 a
% Fungivores 11.84a 530a 10.00 a 572a
% Herbivores 4143 a 50.59 a 29.64 a 49.01 a
% Omnivores 0.60 a 0.54 a 0.94 a 1.26 a
% Predators 0.04 a 0.03 a 0.13a 0.15a
F/B 0.26 a 0.12a 0.17 a 0.18 a
F/(F+B) 0.19a 0.11a 0.14a 0.14a
Richness 19a 20 a 18 a 2la
Dominance 0.25a 0.32a 0.29a 0.37 a
Diversity 420 a 320a 3.69 a 292a
Maturity index 142 a 1.32a 141 a 1.49 a
Enrichment index 86.82 a 91.57 a 89.34 a 85.72 a
Structure index 17.04 a 21.56a 2348 a 3493 a
Channel index 830 a 3.6la 528a 7.57 a

“Means are average of 4 replications. Means in a row followed by the same letter(s) do
not differ according toWaller-Duncan k-ratio (k= 100) t-test based on arsin(sqrt(x/100))
transformed, and non-transfermed values for abnormally and normally distributed data,

respectively.
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TABLE 3.6. Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL), and weedy fallow control (C) plots on nematode community indices at

termination of SH and SOL (Pi) and, at cowpea harvest (Pf) in Summer.

Index SH SOL SHSOL C
At Pi (20 October 2010)

% Bacterivores 58.12°a 29.00 b 28.60 b 32.11b
% Fungivores 12.16 a 09.66 a 13.01a 09.40 a
% Herbivores 28.55b 58.74 a 55.88 ab 56.35a
% Omnivores 0.52 ab 0.37b 0.52 ab 01.30 a
% Predators 0.28 a 034a 0.05a 0.09 a
F/B 0.20b 0.39 ab 00.50 a 0.32 ab
F/(F+B) 0.17b 0.25 ab 032a 0.23 ab
Richness 19a 14b 15 ab 18a
Dominance 0.26 a 0.25a 0.24a 0.26 a
Diversity 03.87a 04.39 a 04.77 a 04.00 a
Maturity index 01.42b 01.76 a 01.76 a 01.79 a
Enrichment index 87.28 a 65.21b 69.19b 72.57b
Structure index 14.87 a 1235 a 12.80 a 27.07 a
Channel index 06.53 b 19.06 a 2197 a 14.84 ab
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TABLE 3.6. Contd.

Index SH SOL SHSOL C
At Pf (30 December 2010)

% Bacterivores 4520 a 2720 a 35.73 a 35.65a
% Fungivores 10.13 a 491 ab 8.15b 11.39a
% Herbivores 27.56 b 63.75 a 49.91 ab 48.26 ab
% Omnivores 16.09 a 298b 4.77b 3.87b
% Predators 0.68 a 0.21a 0.73 a 0.19 a
F/B 022 a 030a 0.22a 034a
F/(F+B) 0.18a 021 a 0.18a 024 a
Richness 20a 16 b 22a 22 a
Dominance 0.16 a 0.26 a 0.16 a 0.15a
Diversity 6.58 a 525a 6.46 a 6.98 a
Maturity index 2.10a 1.98 a 1.93 a 1.94 a
Enrichment index 87.55a 74.49 ab 76.19 ab 67.64 b
Structure index 80.42 a 54.92 ab 53.70 ab 42.14b
Channel index 8.05a 1332 a 1092 a 19.05a

“Means are average of 4 replications. Means in a row followed by the same letter(s) do
not differ according to Waller-Duncan K-ratio (k= 100) t-test based on arsin(sqrt(x/100))
transformed, and non-transfermed values for abnormally and normally distributed data,

respectively.

87



TABLE 3.7. Common weeds recorded in experimental site, Whitmore, Oahu, HI.

Family Scientific name Common name
Araceae Caladium sp. Caladium
Compositae Ageratum conyzoides Ageratum
Erechtites hieracifolia Fireweed
Emilia sonchifolia Flora’s paintbrush
Conyza sp. Horseweed
Sonchus oleraceus Sow Thistle
Cyperaceae Cyperus brevifolius Green kyllinga
Cyperus rotundus Purple nutsedge
Euphorbiaceae Euphorbia hitra Garden spurge
Gramineae Cymbopogon refractus Barbwire / soap grass
Eragrostis pectinacea Carolina lovergrass
Chloris radiate Radiate finger / plush grass
Agrostis alba Red top
Digitaria violascens Smooth / violet crabgrass
Chloris divaricata Star grass
Panicum torridum Torrid panic grass / kakonakona
Andropogon bicornis West Indian foxtail
Elusine indica Wiregrass / goose grass
Leguminosae Caesalpinia sepiaria Cats claw
Mimosa pudica Sensitive plant
Melastomataceae  Clidemia sp. Clidemia

Polypodiaceae

Polypodium aureum

Hares-foot fern




TABLE 3.8. Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and
SOL (SHSOL), and weedy fallow control (C) plots on on weed coverage in four

sampling times.

Weed type SH SOL SHSOL C

Winter: 1wk after cowpea planting (29 April 2010)

Broad leaves 450 a 1.00b 1.75b 475 a
Grasses 2.50 ab 1.50b 1.25b 3.00 a
Total weeds 4.50 a 2.25b 1.25b 4.75 a

Winter: At cowpea harvesting (01 July 2010)

Broad leaves 2.00a 2.00 a 225a 3.25a
Grasses 1.00b 1.50 ab 1.25b 225a
Total weeds 450b 325¢ 3.00c 5.50 a

Summer: At cowpea planting (20 October 2010)

Broad leaves 1.50b 1.50b 1.50b 3.00a
Grasses 1.25a 1.00 a 1.25a 2.00a
Total weeds 1.75a 1.50 a 1.50 a 3.00a

Summer: 5 wk after cowpea planting (24 November 2010)

Broad leaves 7.50b 475 ¢ 5.00c 925a
Grasses 1.75b 1.50b 1.75b 2.75a
Total weeds 7.75b 475 ¢ 525¢ 9.75 a

“Means are average of 4eplications. Means in a row followed by the same letter(s) do not
differ according to Waller-Duncan k-ratio (k = 100) t-test.
YWeed coverage was recorded by using Horsfall-Barratt scale 1-12 scale (1=no weed,

12=100% weed).
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TABLE 3.9. Effects of sunn hemp (SH), soil solarization (SOL), integration of SH and

SOL (SHSOL), and weedy fallow control (C) plots on on cowpea biomass at cowpea

harvest.

Trial SH SOL SHSOL C
Cowpea biomass (t / ha)

Winter 13.66"b 21.79 a 17.13 ab 21.24a

Summer 731 a 9.75 a 10.01 a 6.34 a

“Means are average of 4 replications. Means in a row followed by the same

letter(s) do not differ according to Waller-Duncan k-ratio (k= 100) t-test.
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3.5 Discussion

In general, solarization treatment did not suppress the more abundant plant-parasitic
nematode, R. reniformis, but did suppress the less abundant Meloidogyne sp., in this
experiment. Meloidogyne incognita J2s and R. reniformis juveniles were killed at 42 °C
within 13.8 cumulative hrs (Heald and Robinson, 1987; Wang and McSorley, 2008).
Therefore, number of hours with soil temperature above 42°C was monitored in this
experiment. Solarization treatment in Winter was conducted during the fall to winter
season in Hawaii and thus did not acumulate sufficient lethal hrs to kill plant-parasitic
nematode J2. Although solarization accumulated lethal hrs far exceed that required to kill
plant-parasitic nematodes in Summer, lethal hrs at deeper soil depths (> 15 cm) were less
than 10 regardless of SH amendment. High clay content in Hawaii might have
contributed to low heat accumulation deeper in the soil after solarization. High clay
content (68-76% by mass) in soil of Oahu, HI (Mohanram et al., 2010) might have
prevented transmission of heat deep into the soil. A common dilemma with solarization is
the heat not being able to penetrate deep into the soil (25-cm) has also been observed in
sandy soils (97% sand) of Florida (Chellemi et al.,1993; Wang and McSorley, 2008 ).
This temperature data could explain the ineffectiveness of solarization to suppress the
high abundant R. reniformis in both trials of the current experiment.

In this experiment, a trend to consistently lower abundance of R. reniformis was
found in SH compared to C. However, in the current experiment, SH did not suppress R.
reniformis population densities. These results were not consistent with earlier findings

where sunn hemp cover cropping suppressed Meloidogyne spp. and R. reniformis (Wang

91



et al., 2001; 2002). The amount of SH biomass produced in this experiment was low
compared to the 7 Mt/ha dry biomass produced under optimum conditions (Rotar and
Joy, 1983), and might have contributed to poor R. reniformis suppression in both trials.
More research is underway to estimate minimum biomass of SH required for suppression
of plant-parasitic nematodes.

Integration of SH and SOL (SHSOL) only suppressed R. reniformis and Meloidgyne
efficiently at Pi in Winter when the SH biomass was > 3Mt/ha. Despite the high heat
accumulated in SHSOL in Summer, SHSOL did not suppress plant-parasitic nematodes
in this trial. Difference in plant-parasitic nematode suppressive effect of SHSOL found in
Winter and Summer was most likely due to differences in SH biomass, not due to
solarization heat accumulation.

The SHSOL treatment effect in Winter supported our hypothesis that integrating SH
and SOL would reduced the negative impact of SOL on free-living nematodes. In the
current experiment, % omnivores, richness and EI were sensitive in detecting the
negative impact of solarization on nematode communities. These negative effects of SOL
on nematode communities were reduced when integrated with SH in Winter, but not in
Summer. High temperature (maximum of 59°C at 5-cm soil depth) in SHSOL plots in
Summer might have caused more negative impact on the nematode community than that
in Winter (maximum of 39 °C at 5-cm soil depth). Another possibility for these
differences in SHSOL could be due to higher sunn hemp biomass in SHSOL plots in
Winter than Summer.

Suppression of broad leaf weeds and grasses by SOL and SHSOL, compared to that

of C towards cowpea harvesting in both trials was similar to the sunn hemp and
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solarization study of McSorley et al. (2008) and solarization effects on rhizome
morphogenesis in nutsedge (Cyprus spp.) (Chase et al., 1998) where solarization
suppressed grasses and nutsedges, respectively. This weed suppressive effect of SOL and
SHSOL lasted up to crop harvest in Winter and up to 5 wk after cowpea planting in
Summer is promising for reducing herbicide application frequency.

Reduction of cowpea biomass by SH in Winter was possibly due to a long SH cover
cropping period (4 mon) that might resulted in an increased C:N ratio in SH biomass
(Wang, K.-H., personal observation). Higher C:N ratio in the residues of SH incorporated
into the soil may have eventually resulted in a period of nutrient starvation (Ingham et al.,
1985; Hessen, 1990; Wang et al., 2004b; Wang and McSorley, 2005).

In conclusion, integration of sunn hemp cover cropping and soil solarization did not
suppress population densities of R. reniformis compared to sunn hemp cover cropping
alone, but did suppress R. reniformis compared to solarization and weedy fallow when
cover crop biomass was higher. Furthermore, integration of sunn hemp and solarization
reduced the negative impact of solarization on nematode communities, compared to
solarization alone. While solarization alone or in combination with sunn hemp could
suppress weeds better than sunn hemp or a weedy fallow control, sunn hemp cover
cropping alone is more effective in suppresing R. reniformis, and enhancing free-living

nematodes than the integration of sunn hemp and soil solarization.
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CHAPTER 4: EFFECTS OF TAGETES PATULA ON ACTIVE AND INACTIVE

STAGES OF ROOT-KNOT NEMATODES

4.1 Abstract

Although marigold (Tagetes patula) is known to produce allelopathic compounds
toxic to plant-parasitic nematodes, a suppression of Meloidogyne incognita can be
inconsistent. Two greenhouse experiments were conducted to test whether marigold is
more effective in suppressing Meloidogyne spp. if the nematodes are in active state rather
than in dormant state. Soils infested with Meloidogyne spp. were collected and
conditioned in a greenhouse either by 1) keeping the soil dry (DRY), 2) irrigating with
water (IRR), or 3) drenching with cucumber (Cucumis sativus) leachate (CL) for 5 wk.
These soils were then either planted with cucumber, marigold or remained bare for 10
wk. Suppression of nematode by marigold was then assayed using cucumber. DRY
conditioning resulted in the highest number of inactive nematodes, whereas CL and IRR
had higher number of active nematodes than DRY. At the end of the cucumber bioassay,
marigold suppressed the numbers of Meloidogyne females in cucumber roots if the soil
was conditioned in IRR or CL, but not in DRY. However, in separate laboratory assays,
marigold root leachate neither suppressed M. incognita J2s nor egg hatch (P > 0.05).
This finding suggested that marigold could only suppressed Meloidogyne spp. when
marigold was growing. Marigold would be a more efficient cover crop to suppress

Meloidogyne spp. if planted when the nematodes are in active state.
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nematode, soil conditioning, survival.

4.2. Introduction

Survival strategies are common in many species of root-knot nematodes,
Meloidogyne (Gundy, 1985). Meloidogyne incognita (Kofoid & White, 1919) Chitwood,
1949 survives harsh environments by delaying hatch or carrying over eggs from one
cropping season to another (Gundy, 1985). Some Meloidogyne spp. delay their
development during unfavorable conditions such as cold weather or absence of a host
(McSorley, 2003). Under certain unfavorable conditions such as cold weather, lower
population densities or absence of a host, M. incognita only allows a portion of eggs in an
egg mass to hatch and delays the hatching of the other portion of the egg mass (Guiran,
1979; Starr and Jegger, 1985). Unfavorable conditions for Meloidogyne hatch include 1)
host senesce (usually occur towards crop harvest), 2) onset of low temperatures, and 3)
dry seasons (Gundy, 1985). This survival strategy makes management of Meloidogyne
challenging.

Marigold (Tagetes spp.) had been known to suppress plant-parasitic nematodes
especially Meloidogyne spp. and lesion (Pratylenchus spp.) for more than 60 yr (Hooks
et al., 2010). Tyler (1938) reported that 29 marigold varieties were resistant to root-knot
nematodes. However, French marigold (Tagetes patula L.) is more effective as a cover
crop than many other varieties of Tagetes to suppress M. incognita (Ploeg, 2002). It is

believed that a-terthienyl is the main allelopathic compound responsible for nematode
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suppression in marigold (Gommers and Bakker, 1988). Rice (1984) defined allelopathy
as a plant-plant or plant-microorganism biochemical interaction. The nematode
suppressive effect of marigold is most prominent in actively growing marigold roots
(Jagdale et al., 1999). Occasionally, T. patula fail to suppress plant-parasitic nematodes
such as that reported by Marahatta et al. (2010) and by Dao (1972). However, when the
French marigold was planted immediately after the termination of a Meloidogyne
susceptible host, maigold suppressed about 50% of M. incognita as compared to the bare
ground treatment (Marahatta et al., 2010). One hypothesis is that marigold suppresses
Meloidogyne more effectively if it is grown during active states of the nematode.

The overall goal of this research is to improve current use of cover crop to manage
Meloidogyne spp. through the better understanding of the survival strategies of
Meloidogyne. Specific objectives of the current research were to determine if 1) leachate
of a Meloidogyne spp. susceptible host or irrigation could keep Meloidogyne in the
absence of a host; 2) marigold could suppress Meloidogyne spp. more efficiently if the
nematodes are active, and 3) marigold could suppress the vermiform stage better than the

egg stage of Meloidogyne spp.

4.3 Materials and Methods

Greenhouse Experiment: Two greenhouse trials were conducted at the Magoon and

the Gilmore Greenhouse Facilities at the University of Hawaii between 2009 and 2010

In Trial I, soils were collected from a M. incognita infested tomato (Solanum

lycopersicon L.) field (nematode population density, extracted from elutriation and
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centrifugal flotation (Jenkins, 1964; Byrd et al., 1976) method, was 5,890+1,070/250 cm’
soil) in Kunia, Oahu, HI on 27 May 2009. To determine the species of root-knot
nematodes present in the field, approximately 10 fully mature females of Meloidogyne
were picked from host roots and identified to species by esterase phenotype (Esbenshade
and Triantaphyllou, 1985). Approximately 750 cm® of well mixed soil was placed in a
10.16-cm diameter clay pot. A total of 45 pots were prepared. Pots were divided into
three groups and subjected to 3 conditionings: 1) keeping the soil dry (DRY), 2) irrigated
with 100 ml water/pot/day (IRR), and 3) drenching with cucumber leachate at 100
ml/pot/day (CL). Cucumber leachate was collected from 1-mon old ‘Sweet Slice’
cucumber, Cucumis sativus L. plants grown in kiln dried beach sand:soil mix at 1:1 ratio
(v/v) by placing the cucumber planted pot on top of a 11-cm diameter transparent plastic
cup and drenching with 100 ml of water every day. Cucumber leachate was collected
from 20 pots and composited.

One month after the initiation of conditioning, soils were either planted with 1) one
‘Sweet Slice’ cucumber plant, 2) 5 ‘Single Gold’ French marigold plants, or 3) left bare
for 10 wk. All pots were irrigated with 100 ml of water per pot per day. At completion of
10 wk, all plants were cut at the soil line and removed. One 2-wk old cucumber seedling
was transplanted in each pot as a bioassay plant for 3 wk. This was a 3 x 3 (conditioning
x treatment) factorial designed experiment arranged in randomized complete block with 5
replications. A similar experimental design was used in Trial II except that soil was
collected from a cucumber field infested with mix populations of M. incognita and M.
javanica at the University of Hawaii, Poamoho Research Station, on Oahu, HI on 12

September 2009 (nematode population density was 480/250 cm’ soil).
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Soil nematodes were extracted from 50 cm’ soil by elutriation and centrifugal
flotation (Jenkins, 1964; Byrd et al., 1976) at termination of each conditioning. Extracted
Meloidogyne were counted using an inverted microscope (Fluovert, Leitz Wetzlar,
Germany). Meloidogyne were categorized into active and non-active stages by probing.
Nematodes that moved in response to probing were categorized as active, whereas those
that exhibited no movement were considered non-active.

At termination of the cucumber bioassay, 0.3 g of air dried roots were subsampled
from each cucumber bioassay plant and stained with acid fuchsin (Daykin and Hussey,
1985). Stain Meloidogyne were categorized into infective juveniles, sausage, and matured
females (Eisenback and Triantaphyllou, 1991; Perry et al., 2009).

Laboratory assay: Two laboratory trials were conducted to examine the allelopathic
effect of marigold root leachate on eggs or J2s of M. incognita. Seedlings of ‘Sweet
Slice’ cucumber and ‘Single Gold’ French marigold were grown in 11-cm diameter
plastic pots filled with 1:1 (v/v) mixture of steam sterilized soil and kiln dried beach sand
(#2/16, Koll Center Parkway, CA). Root leachate from French marigold (MG) and
cucumber (CU) were compared to leachate collected from a sand: soil mix (SA), and
distilled water (DW). Each leachate was collected from 5 replicated pots and composited.
In Trial I, CU and MG were 3-wk old, whereas in Trial II, CU and MG were 3- and 9-wk
old, respectively. Leachate was collected by placing each pot on top of a 11-cm diameter
transparent plastic cup and drenching with 50 ml of water. Collected leachate was then
filtered through a 0.2 um micro-syringe (MCE, Fisher Scientific, Ireland) prior to M.

incognita egg hatch or J2 activity assays. However, the egg hatch assay in Trial I was
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initiated through non-filtered leachate, but was replaced with filtered leachate after 1 wk.
Only filtered leachate was used in Trial II.

For the egg hatch assay, M. incognita eggs were extracted from greenhouse on ‘Pixie’
tomato culture using NaOCI and centrifugal flotation methods (Hussey and Barker,
1973). Freshly extracted M. incognita eggs suspended in 1-ml water were imbibed a 3-cm
diameter glass dish containing the designated leachate or DW. The number of nematode
eggs/ml suspension in Trial I and II were 6116 and 11019, respectively. Four replicated
transparent glass dishes (3 cm ht; 6 cm diam) containing 10-ml filtered leachates of either
MG, CU, SA or DW, i.e. a total of 16 glass dishes, were prepared for each trial. Each
glass dish contained a tube (~2.5-cm ht; 1-cm diam) with nylon fiber mesh (60.33 um in
size). The egg suspension was placed into the mesh. Hatched J2 would swim through
screen into the glass dish. Leachate was replaced with fresh leachate every wk, and
treatments continued to be observed for hatching for 1 wk.

For the J2 activity assay, 20 ml leachate of MG, CU, or SA were filtered as described
above, and kept in 100-ml sized beakers (Pyrex, USA, no. 1000). DW was used as
control. Four replicated beakers were prepared for each treatment. Newly hatched M.
incognita J2 were added in 1 ml suspension to each beaker. The J2 activity assay was
repeated in 3 trials. Number of freshly hatched J2 used in Trial I, IT and III were 652426,
184%14 and 95+£3, respectively. Beakers were covered by aluminum foil and kept at room
temperature. J2 activity was determined by counting mobile and immobile nematodes at
48 hr after placement of J2 into the leachate as described by Meyer et al. (2006) and
Zasada et al. (2006). To make sure the suppression was not due to nematostatic

compounds (nematostatic compound makes nematodes immobile only temporary and
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will allow the nematode to resume movement after it is replaced by water), leachate in
each beaker was replaced by distilled water after first counting. In Trial I and II, viability
of J2s was counted again at 72 hr (24 hr after changing into distilled water). Nematode
viability was not observed by dental pick probing. In Trial III, the viability of M.
incognita J2 were assessed by dental pick probing at 48 hr instead of 72 hr after exposure
to leachates. Nematodes that did not respond to probing were considered dead. The age of
cucumber used to collect leachate for the J2 activity assay was 2-, 3-, and 4-wk old at the
initiation of Trial I, II, and III, respectively. On the other hand, the ages of marigold
plants used to collect leachate were 7-, 8-, and 9-wk old at the initiation of Trial I, II, and
II1, respectively.

Statistical analysis: For the greenhouse experiment, data were subjected to one-way
analysis of variance (ANOVA) for soil nematodes count at termination of conditioning,
and two-way ANOVA for root nematodes count at termination of cucumber bioassay.
Data were analyzed using the general linear model (GLM) procedure in Statistical
Analysis System (SAS Institute, Cary, NC). For the egg hatching and J2 activity assays,
data were subjected to one-way ANOVA. Numbers of nematodes were log-transformed
[log (X +1)] prior to ANOVA to normalize the data. Only untransformed arithmetic
means were presented. Means for each trial in each assay were separated by Waller-

Duncan k-ratio (k=100) t-test wherever appropriate.
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4.4 Results

Greenhouse experiment: In Trial I of the greenhouse experiment, DRY conditioning
resulted in higher number of non-active Meloidogyne as compared to IRR and CL at
termination of soil conditioning (P < 0.05, Table 4.1). However, more active
Meloidogyne were detected in IRR and CL as compared to DRY conditioning (P < 0.05).
Similarly in Trial II, DRY conditioning had a higher number of non-active Meloidogyne
than in IRR and CL, whereas CL had a higher number of active Meloidogyne (P < 0.05)
compared to DRY and IRR (Table 4.1).

Based on ANOVA results at termination of the cucumber bioassay, numbers of
infective, sausage and mature female Meloidogyne in bioassay cucumber roots were
affected by crop treatments but not by conditioning in both Trial I and II (P < 0.01, Table
4.2). Significant interaction (P < 0.05) between conditioning and crop treatment were
only detected on the mature female numbers. Planting of marigold suppressed all stages
of Meloidogyne stained in the bioassay cucumber roots as compared to planting of
cucumber in both trials (Table 4.3). Fallow treatment only suppressed mature females in
Trial I and sausage and mature females in Trial II (Table 4.3). However, Fallow
treatment did not suppress sausage and mature females as effective as marigold in Trial
II.

Since interaction between conditioning and plant treatment was significant (Table
4.2) for numbers of mature females, plant treatments were compared under each
conditioning (Table 4.4). Planting of marigold only suppressed (P < 0.05) mature females

under IRR and CL conditioning but not with DRY conditioning in either trial (Table 4.4).
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Although fallow treatment suppressed (P < 0.05) mature females compared to planting
cucumber in all conditionings, lower number of mature females was detected in marigold
than fallow in CL in Trial I. However, number of mature females was similar between
marigold planting and fallow in Trial IT (P > 0.05, Table 4.4).

Laboratory root leachate assay: Percentage of M. incognita hatch was not different
among DW, SA, MG, and CU in Trial I (P > 0.05) but were lower in all leachates (MG,
CU, SA) than DW in Trial II (Table 4.5). In the J2 activity assay, although lower percent
of active J2 was found in MG root leachate as compared to CU (P < 0.05, Table 4.6), MG
leachate did not reduce the percentage of active J2 as compared to DW in all three trials
at 48 hrs after incubation. MG leachate only reduced the percentage of active J2 as

compared to DW and SA at 24 hrs after replacement with distilled water in Trial I.
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TABLE 4.1. Number of non-active and active Meloidogyne in soil at termination of soil

conditioning.
Trial Trial 1T

Conditionings Non- Active Non- Active

active active

---------------- Meloidogyne number / 250 cm’ $0il-----------=------
DRY? 4900” a 40b 485 a 105b
IRR 35 b 390 a 0b 120 b
CL 0b 460 a 0b 245 a

Soil was conditioned either by keeping the soil dry (DRY), irrigating with water (IRR), or
drenching with cucumber leachate (CL).

“Means are average of 5 replications. Means in columns under each trial followed by
same letter do not differ according to the Waller-Duncan k-ratio (k= 100) t-test based on

log(x+1) transformed values.
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TABLE 4.2. Analysis of variance for effects of soil conditioning and nematode
management treatment on numbers of infective juvenile, swollen, and mature female

stages of Meloidogyne per g cucumber roots in Trial I and Trial I1.

Trial I Trial II
Factors I‘nfectl.ve Sausage Mature I‘nfectl.ve Sausage Maturefemale
juvenile female female juvenile female
Conditioning” NS NS NS NS NS NS
Treatmenty * 3k k3 kk k3 ks kK

Conditioning
NS NS * NS NS *
Treatment

“Soil conditioned either by keeping the soil dry, irrigating with water, or drenching with
cucumber leachate.

YConditioned soils were either planted with cucumber, marigold or remained bare for 10
wk.

NS = non-significantly differ; *, ** indicate significantly different at P < 0.05 and P <
0.01, respectively based on a 3 x 3 (conditioning x treatment) factorial analysis of

variance.
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TABLE 4.3. Numbers of infective juvenile, swollen, and mature female stages of

Meloidogyne per g cucumber roots in Trial I and II.

Trial 1 Trial II
Factors Infective ~ Sausage  Mature Infective Sausage Mature
juvenile female female juvenile female female
Nematode number / g root
Cucumber 164* a 131 a 42 a 32 a 21 a 44 a
Fallow 113 a 87 a 4b 28 a 10 b 9b
Marigold 58 b 44 b 2b 15 b 3 ¢ S5c¢

“Means are average 15 replications. Means in a column followed by the same letter do
not differ according to the Waller-Duncan k-ratio (k= 100) t-test based on log(x+1)

transformed values.
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TABLE 4.4. Number of Meloidogyne mature females on bioassay cucumber roots grown

after cucumber, fallow and marigold treatments under three conditionings.

Trial I

Trial 11
Treatments DRY’ IRR CL DRY IRR CL
Nematode number / g cucumber root
Cucumber 19*a 62 a 46 a 12a 58a 63 a
Fallow b 4b 8b 8a 6b 12b
Marigold 4 ab 4b Oc 6a 4b 4b

YSoil were conditioned either by keeping the soil dry (DRY), irrigating with water (IRR),

or drenching with cucumber leachate (CL).

“Means are average of 15 replications. Means in a column followed by the same letter do

not differ according to the Waller-Duncan k-ratio (k= 100) t-test based on log(x+1)

transformed values.
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TABLE 4.5. Effects of marigold (MG) and cucumber (CU) roots, sand : soil (SA)
leachates, and distilled water (DW) on Meloidogyne incognita egg hatching in Trial I

and II of laboratory leachate assay.

Treatments Trial I Trial 11

DW 20.43"a 79.56 a
SA 3222 a 60.59 b
MG 21.61 a 45310
CU 3042 a 56.48 b

“Means are average of four replications. Means in a column followed by the same letter

do not differ according to the Waller-Duncan k-ratio (k= 100) t-test.
Y Number of Meloidogyne incognita eggs used in Trial I and Trial II were 61+6 and

11049, respectively.
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TABLE 4.6. Effects of marigold (MG) and cucumber (CU) roots, and sand : soil (SA)
leachates, and distilled water (DW) on % of Meloidogyne incognita remained active at 48
hr of incubation and 24 hr after transferring to distilled water in Trial I, II and III of the

laboratory leachate assay.

Trial I Trial 11

Trial 111
Treatments 48 hr 72 hr 48 hr 72 hr 48 hr
% Meloidogyne incognita activity
DW 93.89*b 87.85b 87.75 be 87.78 ab 88.83 ab
Sand 94.05b 91.14 ab 90.00 ab 90.10 a 93.29 ab
MG 9142b 79.66 ¢ 86.26 ¢ 83.63b 86.64 b
CU 9733 a 95.36 a 9143 a 91.81a 9529 a

“Means are average of 4 replications. Means in a column followed by the same letter(s)
are not different according to Waller-Duncan K-ratio (k= 100) t-test.
Y Initial numbers of Meloidogyne incognita introduced to each experimental units were

652426, 184£14, and 9543 in Trial I, II, and III, respectively.
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4.5 Discussion

Current research results supported the theory that more Meloidogyne spp. will remain
active under favorable soil conditions such as providing irrigation or host leachate. This
is consistent with the report by Gundy (1985) that optimum soil moisture level under
irrigated condition may have favored a more active Meloidogyne population.

Most soil nematodes subjected to DRY conditioning were not-active at termination of
the conditioning period. This result is consistent with the findings of Towson (1977) who
found an increase in proportion of coiled J2 of M. javanica with a decrease in soil
moisture content from 39.4 to 21.1%. Furthermore, current experimental results are also
consistent with findings of Sehgal and Gaur (1995) in regards to suppression of active M.
incognita juveniles by ethylene dibromide (EDB) or formaldehyde in moist but not in dry
soil. Sehgal and Gaur (1995) suggested that non-active nematodes in dry soil were more
resistant to EDB and formaldehyde than active nematodes in moist soil. In the current
study, it was unclear whether non-active nematodes were alive or dead. However, non-
active Meloidogyne subjected to dry condition did not decompose 1 mon after incubation
in the sample solution and had clearand distinct body parts. Therefore, it is conceivable
that these non-active Meloidogyne were subjected to stress and as such converted into
their survival state.

Current results clearly supported the theory thatplanting of marigold or leaving the
soil fallow suppressed Meloidogyne efficiently. Nematode suppressive effect of fallow
soil (Towson, 1977; Caswell et al., 1991) and marigold planting (Khan et al., 1977;

Rangaswamy et al., 1993; Cannayane and Rajendran, 2002; Hooks et al., 2010) had been
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documented. The novelty of the current research is that marigold could suppress
Meloidogyne more efficiently than fallow only in soil conditioned in IRR and CL, but not
in DRY conditioning. Different Meloidogyne suppressive effect in different conditioning
might explain why marigold did not suppress M. incognita after a non-irrigated fallow
period in one of the field trial described in Chapter 2. In that Experiment in Chapter 2,
marigold did suppress M. incognita if planted right after the end of a susceptible
vegetable crop (Marahatta et al., 2010). Thus, marigold suppresses Meloidogyne more
effectively if marigold is grown during the active stage of root-knot nematodes.

Current research documented the lack of a nematode suppressive effect of MG
leachate on M. incognita egg hatching. Sesaneli and Vito (1991) also found root leachate
of Tagetes erecta and T. signata had no effect on the hatching of golden potato cyst
nematode, Globodera rostochinensis. Additionally, Pudasaini et al. (2008) did not find
evidence of hatching inhibition by root leachate of ‘Single Gold’ T. patula on root lesion
nematode, Pratylenchus penetrans. Jagdale et al. (1999) demonstrated that a-terthienyl is
only suppressive to nematodes when the plant is actively growing.The current greenhouse
experiment clearely demonstrated that planting marigold is suppressive to M. incognita.

Lack of nematode suppressive effect from the MG root leachate in the current
experiment, was not consistent with the findings of Franzener et al. (2007). They found
an inhibition on M. incognita mobility and up to 68% M. incognita J2 mortality through
an aqueous extract of T. patula under in vitro conditions. The concentrations of a-
terthienyl in marigold root leachate could possibly be lower as compared to marigold root

extract. The nematicidal effect of marigold root extractreported by Franzener et al. (2007)
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could be due to combination of several potential allelopathic compounds including
biologically active essential oils rather than only a-terthienyl.

In conclusion, this research demonstrated that cucumber root leachate and irrigation
can maintain Meloidogyne in an active state. Planting marigold could suppress
Meloidogyne spp. more efficiently if Meloidogyne remains active. However, the current
research did not demonstrate that marigold root leachate suppresses the vermiform stage
or the egg stage of Meloidogyne spp. Future research should be concentrated on testing
live marigold effect on nematode stages. Farmers should plant marigold immediately
after a nematode-susceptible crop is terminated or before Meloidogyne enters into a

survival state.
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CHAPTER 5: EFFECTS OF CROTALARIA JUNCEA ON ANHYDROBIOTIC

STAGE OF ROTYLENCHULUS RENIFORMIS

5.1 Abstract

Although Crotalaria juncea is known to produce allelopathic compounds against
many plant-parasitic nematodes, it is unclear if this allelopathic effect suppresses the
anhydrobiotic state of Rotylenchulus reniformis. Two greenhouse experiments were
conducted where soil from a fallow pineapple field with a history of reniform nematode
infestation were preconditioned by 1) keeping the soil dry (DRY), 2) irrigated (IRR), 3)
growing sunn hemp (SH), or 4) growing cowpea (CP) for 3 mon. The conditioning
mimicked four different schemes of field condition that stimulate different R. reniformis
survival states. DRY was expected to encourage a non-active state, whereas IRR, SH and
CP were expected to encourage active states. At the end of conditioning, soils were either
incorporated or not incorporated with sunn hemp foliage powder at 1% (w/w). Cowpeas
were seeded in each pot and grown for 3 wk as a bioassay. The experiment was designed
as a 4 x 2 (conditioning x SH amendment) factorial experiment, and arranged in
randomized complete blocks with 5 replications. At termination of conditioning, DRY
resulted in highest number of non-active (anhydrobiotic) coiled nematodes, whereas IRR,
SH, and CP had higher numbers of active reniform nematodes compared to Dry (P <
0.05). At termination of the cowpea bioassay, soil incorporation of SH consistently
suppressed numbers of reniform nematodes in soils conditioned with CP, but not in the

DRY conditioning. Soil incorporation of SH also consistently reduced population
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densities of reniform nematodes infecting the bioassay cowpea roots if the soil was
conditioned with SH or CP. Soil incorporation of SH did not suppress reniform
nematodes in anhydrobiotic state but suppressed the nematode effectively when the
nematode was on an active state.

Key words: anhydrobiotic, sunn hemp, reniform nematode, survival stage.

5.2 Introduction

Reniform nematode, Rotylenchulus reniformis Linford & Oliveira, is a major pest on
many crops including pineapple in Hawaii (Caswell et al., 1991; Robinson et al., 1998;
Wang et al., 2001; 2002a; Wang and Hooks, 2009). Pineapple producers in Hawaii
typically deep plow and fallow fields for 3 to 12 mon before planting a new crop
(Rohrbach, 1988; Rohrbach and Schmitt, 2003). Keeping the field fallow without a
susceptible host for plant-parasitic nematodes is one nematode management approach
(Viaene et al., 2006). However, dry fallow conditions often result in a condition that leads
to formation of anhydrobiotic state in reniform nematodes (Tsai and Apt, 1979; Sehgal
and Gaur, 1989; Gresham, 1992). Anhydrobiosis is the ability of organisms to survive
extreme dehydration (Giard, 1894; McSorley, 2003). Anhydrobiotic nematodes can
survive in a variety of extreme conditions, including desert soils, Antarctic climates, dry
fallow soils without a host, or dispersal in dry seed, plant debris, or dust (McSorley,
2003). Therefore, anhydrobiosis makes management of reniform nematode challenging

(Womersley and Ching, 1989).
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Sunn hemp, Crotalaria juncea L., is a tropical cover crop known to suppress reniform
nematodes efficiently (Caswell et al., 1991; Wang et al., 2001; Marla et al., 2008). Sunn
hemp serves as a poor host of reniform nematodes and releases an allelopathic compound
toxic to the nematodes when its residues are incorporated into the soil (Wang et al. 2001;
2002b; Marla et al., 2008). Monocrotaline, is the allelopathic compound found in
Crotalaria spp. that is known to be toxic to many plant-parasitic nematodes (Crout,
1968;; Rodriguez-Kabana et al., 1992; Rich and Rahi, 1995; Wang et al., 2001; 2002a;
Jourand et al., 2004). When sunn hemp was planted as a cover crop in rotation with
pineapple, it suppressed reniform nematode populations as compared to fallow with
weeds prior to pineapple planting (Caswell et al., 1991) and even 6 mon after pineapple
planting (Wang et al., 2002b).

Objectives of this research were to compare the effects of sunn hemp amendment on
reniform nematode under various soil conditions that either stimulate or suppress the
anhydrobiotic state of reniform nematode. The working hypothesis is that sunn hemp will
suppress reniform nematodes more effectively in their active state rather than their

anhydrobiotic state.

5.3 Materials and Methods

Two greenhouse experiments were conducted at the University of Hawaii Magoon

Greenhouse Facility (Trial I) and Gilmore Greenhouse Facility (Trial II) in 2010. Field

soil was collected from pineapple fields with a history of reniform nematode infestation.
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The soil collected was Wahiawa silty clay (Wahiawa series; clayey, kaolinitic,
isohyperthermic, Tropeptic, Eutrustox; Oxisol) with a pH of approximately?7.

Trial I: Soil was collected from Field Wailua 5 in Dole Plantation, Haleiwa, Oahu, HI
on 4 February 2010. The field had been fallow with minimum weed growth for 8 mon
after pineapple residues were deep plowed into the soil. Initial reniform nematode
population density as determined by elutriation and centrifugal flotation was 200/250 cm’
soil. Soil was well mix prior to potting into 15.2-cm diam clay pots. Each pot was filled
with approximately 1000 cm” field soil. A total of 40 pots were prepared. Pots were
either 1) kept in a dry condition where no irrigation was provided (DRY), 2) irrigated
daily (IRR), 3) planted with 8-10 seeds of ‘“Tropic Sun’ sunn hemp (SH), or 4) planted
with ‘SCL 825’ cowpea, Vigna unguiculata (L.) Walp. (Peaceful Valley Farm and
Garden Supply, Grass Valley, CA) (CP) with 2 plants per pot. Ten pots were prepared for
each conditioning. All pots except those in DRY treatment were irrigated with 100 ml
water/pot every day, and weeded periodically. This soil conditioning lasted for 10 wk and
terminated on 30 April 2010. Cowpea and sunn hemp were cut at the soil level. At
termination of the conditioning, 100 cm® soil was subsampled from each pot. The
remaining soil was then transfered to 10.16-cm diam clay pots.

Five days after termination of the conditioning, soil in 5 pots from each conditioning
were amended with dry sunn hemp foliage powder at 1% (w/w) (SH+), whereas the other
5 pots from the same conditioning treatment received no amendment (SH-). Dry sunn
hemp foliage powder used for soil amendment was prepared from field grown sunn hemp
plants, oven dried to a constant weight and grind with a commercial blender (Winsted

Conn, Waring Products Co., CT). This 4 x 2 (conditioning x sunn hemp amendment)
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factorial experiment with 5 replications was arranged in randomized complete blocks. At
I-wk after sunn hemp amendment (12 May 2010), three cowpea seeds were sown per pot
as a bioassay for viability of reniform nematodes. After germination, cowpea seedlings
were thinned to 2 seedlings per pot. The trial was terminated at 3-wk after cowpea was
planted for bioassay (02 June 2010).

Trial I1: Soils used in Trial II were collected from the same field as Trial I except that
in Trial II, soil had been fallow for 12 mon. Reniform nematodes infestation level as
determined by elutriation followed by centrifugal flotation was 10 nematodes/250 cm’
soil. Ten pots of soil were conditioned as described in Trial I for 10 wk until 27 August
2010. Soil was then amended or not amended with dry sunn hemp foliage powder at 1%
(w/w) of dry soil weight the following day. Cowpea seeds were sown 1 wk later (06
September 2010). At 3 wk after cowpea planting, cowpea roots and soil were processed
for nematode extraction on 27 September 2010.

Soil nematode assay: Soil nematodes were assayed at the beginning, termination of
the conditioning, and termination of the cowpea bioassay by elutriation followed by
centrifugal flotation (Jenkins, 1964; Byrd et al., 1976). In each sample, 250, 100, and 250
cm’ soil at starting, conditioning and terminating the bioassay, respectively. Extracted
reniform nematodes were counted using an inverted microscope (Fluovert, Leitz Wetzlar,
Germany). Reniform nematodes were categorized into active vermiform (active) and
non-active coiled (coiled) states. Nematodes that moved or responded to a probe were
categorized as active. Coiled nematodes were assumed to be in an anhydrobiotic state.

Root nematode assay: At termination of the bioassay, 0.3 g cowpea roots/ pot were

subsampled and stained with acid fuchsin for assessment of reniform nematodes (Daykin
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and Hussey, 1985). Total reniform nematodes were categorized into infective, slightly
swollen, swollen, and mature female stages as described by Wang et al. (2001).
Statistical analysis: Data were subjected to one-way analysis of variance (ANOVA)
for soil nematodes at conditioning, and 4x2 factorial ANOVA for soil and root
nematodes at bioassay using the general linear model (GLM) procedure in Statistical
Analysis System (SAS Institute, Cary, NC). Nematode numbers were log-transformed
[log (X +1)] prior to ANOVA to normalize data. Untransformed arithmetic means of data
are presented. Means for specific sampling times were separated by Waller-Duncan k-
ratio (k=100) t-test wherever appropriate. When significant interaction occurred between
conditioning and SH amendment, nematode populations were compared between

treatments within each conditioning.

5.4 Results

Effects of conditioning: Conditioning affected active and coiled nematodes
consistently in both trials. Conditioning by planting CP resulted in highest number of
reniform nematodes in both trials (P < 0.05, Table 5.1). The DRY conditioning resulted
in higher (P < 0.05) number of coiled nematodes than SH in Trial I and II, and IRR in
Trial II. Planting of SH consistently maintained lower coiled reniform nematodes than the
DRY conditioning (P < 0.05).

Effects of sunn hemp amendment: Based on the 4x2 factorial ANOVA on nematode
data collected at termination of cowpea bioassay, conditioning affected active and coiled

nematodes consistently in both trials whereas the SH amendment only affected active
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nematodes in Trial IT (P < 0.05). However an interaction between SH amendment and
soil conditioning occurred for active nematodes in Trial I (P < 0.05), and active and
coiled nematodes in Trial II (P < 0.1). Planting of CP often resulted in highest reniform
nematode population regardless of active or coilded form than the other conditioning
treatments (P < 0.05, Table 5.2). Amending soil with sunn hemp reduced (P < 0.05)
active reniform nematodes in conditioning treatments SH and CP in Trial I, but only
reduced (P < 0.01) nematode numbers in CP in Trial II. In contrast, amending soil with
sunn hemp increased (P < 0.05) active reniform nematodes when soil was conditioning in
DRY condition in Trial I. Over all, amending soil with SH did not affect numbers of
coiled reniform nematodes.

Conditioning affected all developmental stages of reniform nematode inside the
cowpea roots (P < 0.05) in Trial I (Table 5.3). In Trial II, conditioning affected (P < 0.05)
all stages except for the slightly swollen stage. Amendment of SH only affected
vermiform stage in cowpea roots in Trial I (P < 0.01) but affected all stages in Trial II (P
< 0.01). Interaction between conditioning and sunn hemp amendment occurred on
vermiform and slightly swollen stages in Trial I (P <0.01) but only on vermiform and
swollen stages in Trial IT (P < 0.05, Table 5.3).

CP conditioning consistently resulted in the highest number of reniform nematode
among treatments (Table 5.3). Planting of SH did not reduce (P > 0.05) number of any
stages of reniform nematode in the cowpea roots as compared to DRY and IRR.
However, SH+ suppressed (P < 0.01) number of vermiform stages in cowpea roots in
Trial I and all stages in Trial II. In particular, suppression of reniform nematodes

infection by SH+ amendment was most effective in soil previously planted with CP.
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Lower number of all stages of reniform nematodes on CP planted and SH+ cowpea roots
in both trials except for the mature stage in Trial I (P < 0.10) (Table 5.3). However, SH+
did not reduce the number of any stages of reniform nematode in DRY in Trial I and only
slightly reduced (P < 0.10) vermiform stage reniform nematode in DRY in Trial II. In
Trial II, SH+ also suppressed (P < 0.05) the vermiform and swollen stages in the SH
planted soil, and the swollen stage in IRR conditioned soil (P < 0.01, Table 5.3).

Cowpea growth: In Trial I, conditioning by SH and IRR resulted in higher cowpea
shoot biomass than DRY (P < 0.05, Table 5.4). However, amendment of SH did not
affect cowpea shoot biomass in Trial I (Table 5.4). In Trial II, conditioning did not affect
(P > 0.05) cowpea shoot biomass but SH amendment did (P < 0.05, Table 5.4).
Amendment of sunn hemp only enhanced (P < 0.05) cowpea shoot biomass in CP

conditioning soil (P < 0.05) but not in other conditioning (data not presented).
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TABLE 5.1. Number of reniform nematodes active or coiled in soil at termination of four

conditioning treatments: remaining dry (DRY), irrigated (IRR), planted with sunn hemp

(SH), and planted with cowpea (CP).

Trial I Trial IT

Conditioning Active Coiled Active Coiled

Nematodes/250 ¢cm? soil

DRY 40% ¢ 45b 3B 20 A
SH 65 b 10c 8B 0B
IRR 72 be 32 be 3B 0B
CP 3875 a 362 a 78 A 45 A

“Means are average of 10 replications. Means in a column followed by same letter(s) are
not different according to Waller-Duncan k-ratio (k= 100) t-test based on log(x+1)

transformed values.

129



TABLE 5.2. Effects of sunn hemp amendment on number of active and coiled reniform

nematodes in soil with different conditioning.

Active Coiled
Conditioning ~ SH+ SH- Conditioning SH+ SH- Conditining
means means
Nematodes/250 ¢cm’ soil
Trial I
DRY? 16 2" 9¢ 2 0 1b
IRR 4 12 8¢ 0 0 0b
SH 6 34" 20b 2 2 2b
CP 1056 2604 1830 a 18 38 28 a
Means 270 663 5 10
(amendment)
Trial 11
DRY 2 6 4b 0 0 0b
IRR 0 2 b 0 0 0b
SH 0 4 2b 0 0 0b
CP 10 102" 61 a 0 6 3a
Means 2 28" 0 2
(amendment)

“Data are means of 5 replications. Means in a column under Trial I and II followed by
same letter do not differ according to the Waller-Duncan k-ratio (k= 100) t-test based on
log(x+1) transformed values. “,and represent significant difference between log(x+1)
transformed means of SH+ and SH- amendments at P < 0.05 and P < 0.01, respectively.
Y Pre-plant soil conditionings, dry (DRY), irrigation (IRR), sunn hemp (SH), and cowpea
(CP) were tested with (SH+) or without (SH-) sunn hemp amendment.
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TABLE 5.3. Effect of sunn hemp amendment on different stages of reniform nematodes in cowpea roots under different soil

conditioning.

Vermiform Slightly swollen Swollen Mature Total

Conditioning SH+ SH- Means SH+ SH- Means SH+ SH- Means SH+ SH- Means SH+ SH- Means

Nematodes per g of cowpea root

Trial I
DRY” 37 6 4b 5 2 3b 5 3 4b 6 2 3¢ 18 11 14D
IRR 3 2 2b 2 2 b 7 9 8b 7 17 12b 18 29  23b
SH 0 6 3b 4 3 3ab 5 2 3b 6 7 6bc 15 16 15b
CP 2 277 14a 3 247 13a 29 105" 67a 123 271  197a 156  426% 290a
Means 2 107 3 7 11 29 35 73 51 120

(amendment)

¥ Pre-plant soil conditionings, dry (DRY), irrigation (IRR), sunn hemp (SH), and cowpea (CP) were tested with (SH+) or without (SH-

) sunn hemp amendment.
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TABLE 5.3. Contd.

Trial 11
DRY 1 5@ 3b 2 4 3a 3 3 3b 1 3 2b 6 14 10ab
IRR 3 4 3b 2 8 5a 0 4" 2b 0 1 0b 5 16 1lab
SH 2 6 4ab 1 4 2a 0 4 2b 0 0 0b 3 12¢  7b
CP 1 32" 18a 1 269 15a 1 31" 17a 1 13¢  7a 4 101°  57a
Means 1 1" 1 107 1 107 0 4" 4 36”

(amendment)

“Data are means of 5 replications. Conditioning means in a column for each trial followed by same letter do not differ according to
Waller-Duncan k-ratio (k= 100) t-test based on log(x+1) transformed values. ©, “,and represent significant difference between SH+
and SH- amendments at P < 0.10,,P < 0.05 and P < 0.01, respectively based on log(x+1) transformed values.

Y Pre-plant soil conditionings are dry (DRY), irrigation (IRR), sunn hemp (SH), and cowpea (CP); amendment treatements are with

(SH+) or without (SH-) sunn hemp amendment.
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TABLE 5.4. Shoot wt (g) of bioassay cowpea affected by four conditionings and two

amendments.

Factors Trial I Trial IT

Conditionings
DRY? 12.23*b 8.00a
IRR 16.06 a 10.12 a
SH 16.14 a 8.12a
CP 13.70 ab 9.06 a

Sunn hemp amendment
SH+ 14.73 a 10.21°

SH- 1433 a 7.61b

“Means for each conditioning and amendment are average of 10 and 12 replications,
respectively. Means in a column followed by the same letter(s) under Trial I and II do not
differ according to the Waller-Duncan k-ratio (k=100) t-test.

y Four pre-plant soil conditionings are dry (DRY), irrigation (IRR), sunn hemp (SH), and
cowpea (CP); two amendment treatments are with (SH+) or without (SH-) sunn hemp

amendment.
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5.5 Discussion

The current study demonstrated that planting of SH and irrigation created a favorable
environment for R. reniformis and thus decreased the number of coiled nematodes. In
contrast, the unirrigated dry soil conditioning resulted in higher coil R. reniformis
numbers. This result was consistent with the findings of many researchers who found that
R. reniformis was able to enter into anhydrobiosis in dry soil (Tsai, 1978; Tsai and Apt,
1979; Sehgal and Gaur, 1989; Baujard and Martiny, 1995). Under extreme moisture loss,
soil dwelling nematodes such as R. reniformis will coil their body (Perry, 1999) and
survive through the desiccation (Torres et al., 2006). Sunn hemp is a poor host of R.
reniformis but still allow a portion of the nematode to penetrate the sunn hemp root
(Caswell et al., 1991; Wang et al., 2001; Marla et al., 2008). Thus, fewer R. reniformis
may have penetrated into sunn hemp roots and remain active instead of adopting a
survival state. Planting sunn hemp avoids the anhydrobiotic state of R. reniformis. Thus,
planting of sunn hemp would keep more R. reniformis active and vulnerable to
subsequent control treatments than would exposure to environmental conditions like
DRY where nematodes enter into an anhydrobiotic survival state.

In the current experiment, sunn hemp amendment suppressed R. reniformis when the
soils were conditioned with CP, a R. reniformis susceptible host. Soil conditioned with
cowpea was dominated by active stage nematodes at the end of the conditioning.
Management strategies are more effective when plant-parasitic nematodes are in their
active and vulnerable stage (Deliopoulos et al., 2010). Therefore, LaMondia (2008)

controlled tobacco cyst nematode, Globodera tabacum, efficiently through crop root
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destruction immediately after crop harvest, i.e. when the nematodes were still in an active
state. Similarly, Ornat et al. (1999) suppressed population densities of peanut root-knot
nematode, M. arenaria, and lesion nematode, Pratylenchus neglectus, by destroying host
plant roots when nematodes were active. Current greenhouse experiment also showed
that sunn hemp amendment did not suppress R. reniformis numbers in DRY conditioning,
where most of the nematodes were coiled. Sunn hemp would suppress R. reniformis more
effectively in their vulnerablestates rather than in their anhydrobiotic state.

Although SH+ suppressed R. reniformis effectively in both SH and CP planted soil, it
is more efficient to suppress R. reniformis in SH planted soil as indicated by the lower
number of R. reniformis in SH compared to CP planted soil at the end of the cowpea
bioassay. However, planting of SH followed by amendment of SH did not result in lower
numbers of R. reniformis than DRY followed by SH- at the end of the cowpea bioassay.
Fallow is a good method of nematode management (Barker and Koenning, 1998).
However, current greenhouse conditioning with shallow soil depth might not truly
simulate field conditions. Further, soil conditioning studies need to be conducted in the
field to examine the effect of SH amendment.

Despite no difference between SH and DRY in terms of R, reniformis at termination
of cowpea bioassay, conditioning by SH produced higher cowpea biomass than DRY.
Although SH+ suppressed R. reniformis consistently in Trial I and Trial I, SH+ only
improved bioassay cowpea shoot weight in Trial II but not Trial I. This was possibly due
to a difference in the population densities of R. reniformis between the two trials. When
viability of R. reniformis was suppressed, it allowed the bioassay cowpea plants to have

more vigorous growth. In Trial I, population densities of R. reniformis in soil planted
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with CP was too high despite SH amendment (>1000/250 cm’ soil), thus SH+ did not
result in improvement of shoot weight of the cowpea bioassay plants. Whereas, in Trial
11, the number of R. reniformis on SH+ was low (<10/250 cm” soil

In conclusion, the sunn hemp amendment suppressed active states of R. reniformis
better than the survival states. Growing sunn hemp in R. reniformis infested soil
maintained the nematodes in an active and vulnerable state, whereas a dry fallow
conditioning kept R. reniforis in the coiled survival state, making the nematode difficult
to control. The poor host effect of sunn hemp against R. reniformis could be combined

with the soil incorporation of sunn hemp for greater suppression of R. reniformis.
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